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 This dissertation describes research in two different areas relating to materials chemistry. 
The first is an examination of protein corona formation on charged gold nanoparticles with an 
emphasis on the effect that the deformability of the protein has on the corona formed. The 
second describes the synthesis of polyamide membrane active layers using a support-free 
approach and examines the effect of monomer concentration on the morphology, water sorption, 
longitudinal elastic constant, and thermal transport properties of the film. Although these two 
areas do not have significant overlap, interfaces play an important role in both systems. 
 When nanoparticles contact biological milieu, proteins adsorb to the surface forming a 
layer termed the protein corona. As interest grows in harnessing the useful properties of 
nanoparticles for biomedical applications, the protein corona has become an important 
phenomenon because the it has been shown to trigger responses in biological systems. The field 
is driving towards the ability to predict adsorption outcomes based on the properties of the 
nanoparticles and proteins in question.  
 Proteins can undergo conformational changes upon adsorption, so it stands to reason that 
the ease with which a protein can be denatured could be useful for predicting aspects of protein 
corona formation. One protein was chosen from each of the three classifications of acid 
denaturation behavior, and this metric was used to predict the relative changes to secondary 
structure, and the relative binding constants upon adsorbing to negatively and positively charged 
gold nanospheres (AuNS) capped with citrate and poly(allylamine hydrochloride) (PAH) 
respectively. Type II proteins (bovine serum albumin (BSA)) are the most deformable and were 
predicted to denature the most upon adsorption resulting in the highest binding constant as a 
more conformal coating is expected to form. Type I proteins (α-amylase (A-Amy)) are 
iii 
 
moderately deformable and were predicted to experience moderate denaturation and have a 
lower binding constant than Type II proteins. Type III proteins (β-lactoglobulin (BLG)) are the 
least deformable, and therefore should maintain their conformation upon adsorption, resulting in 
the lowest binding constant.  
 Circular dichroism (CD) spectroscopy of AuNs/protein conjugates confirms that BSA 
exhibits the greatest changes in secondary structure followed by A-Amy, and BLG which 
matches predictions based on their acid denaturation types. The three proteins exhibit greater 
secondary structure change upon adsorption to PAH AuNSs relative to citrate AuNSs. 
Adsorption isotherms were measured using shifts in plasmon peak position and hydrodynamic 
diameter. Adsorption to citrate AuNSs can be modeled with Langmuir adsorption isotherms. 
While BSA does have the highest binding constant as predicted, the binding constant of A-Amy 
is an order of magnitude less than the others because A-Amy is close to neutral charge under the 
experimental conditions. The enzymatic activity of citrate AuNS/A-Amy conjugates decreases 
relative to the native protein. All three proteins agglomerate in the presence of PAH AuNSs 
which can be explained by the CD results. Loss of structure can expose interior hydrophobic 
domains which is associated with protein agglomeration. 
 The performance of reverse osmosis and nanofiltration membranes depends on the 
properties of the polyamide active layer of the membrane. At the most fundamental level these 
separation processes depend on the 3-D cross-linked structure of the polyamide film which 
dictates everything from the charge distribution to the density.  To date, characterization of these 
materials has focused on physicochemical properties like the thickness, roughness, and charge, 
but the mechanical and thermal transport properties have not been thoroughly reported despite 
these properties being related to the structure of the polymer network through the density, degree 
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of cross-linking, porosity, etc. Synthesis of free-standing polyamide films enables measurements 
of these properties by time-domain thermal reflectance (TDTR) which was not previously 
possible for polyamide membranes due to complications arising from the polysulfone support.  
 Free-standing polyamide active layers were synthesized via interfacial polymerization of 
m-phenylenediamine (MPD) and trimesoyl chloride (TMC) using sacrificial support materials, 
and a support-free approach. The ease of the support-free approach is preferable and produces 
films that are smoother (RMS roughness <10 nm) and thinner (~9 – 15 nm) than conventional 
membranes. The thickness, roughness, and density of MPD/TMC films increase when the net 
concentration of the monomers is increased. A dendrimer analogue (pG1) of MPD and 
piperazine (Pip) were also used to synthesize free-standing films with TMC.  
 Water sorption by free-standing MPD/TMC films was measured by quartz crystal 
microbalance with respect to relative humidity. The free-standing materials uptake water in the 
same manner as conventional polyamide active layers with the mass of the film increasing by 
~11% on average at saturation with denser films taking up a relatively smaller mass percentage.  
 The longitudinal speed of sound, longitudinal elastic constant, and thermal transport 
properties including thermal conductivity, thermal conductance, and thermal conductance of the 
interfaces of free-standing MPD/TMC films was measured using TDTR. The speed of sound, 
elastic constant, and thermal conductivity increase with increasing monomer concentration 
concurrently with increasing film density. The interfacial thermal conductance is low relative to 
spin coated polymers. Finally, examining the thermal conductivity with respect to the speed of 
sound in MPD/TMC, pG1/TMC, and Nomex films reveals that these properties are similar 
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Gold nanoparticles are useful platforms for applications in biology and medicine due to 
their high surface area to volume ratio, tunable size and shape, versatile surface chemistry, and 
useful optical properties. The plasmonic properties of gold nanoparticles are particularly 
important in sensing applications which take advantage of the sensitivity of the plasmon to local 
refractive index changes, color changes based on the aggregation state of the particle, and 
electric field enhancements that drive surface enhanced Raman scattering. Imaging applications 
utilize large optical cross-sections and the high contrast of the particles relative to tissue. Drug 
delivery can be facilitated as well.  
However, despite all the technological advances promised by gold nanoparticles in the 
context of biological applications, the protein corona that forms on the surface of the 
nanoparticle after exposure to biological media is a major concern. The protein corona can 
decrease targeting efficiency in delivery and imaging applications, change local protein 
concentrations, elicit cellular and immune responses, cause secondary structure changes to the 
protein. Significant effort has been devoted towards understanding the structure, composition 
(both qualitative and quantitative), and evolution of the protein corona in the context of the size, 







1.2 Gold Nanoparticles 
Gold nanoparticles (AuNPs) are composed of gold atoms and have at least one dimension 
on the length scale of 1-100 nm. Researchers are finding applications for AuNPs in many areas 
including medicine,1 catalysis,2 imaging,3 sensing,4 electronics,5 and in composite materials.6 
AuNPs are suitable in such varied applications because the particles exhibit useful optical 
properties, the size and shape of the particles can be tuned, and the surface chemistry of the 
particles is easily modified.       
From antiquity AuNPs have been a source of brilliant color because of the optical 
properties that arise when dimensions of gold are reduced to the nanoscale. The color of AuNPs 
comes from the localized surface plasmon resonance (LSPR) of the particle which is excited by 
electromagnetic radiation resonant with the conduction band electrons of the AuNP. In the case 
of AuNPs, wavelengths in the visible range are resonant with the LSPR which causes the 
colloidal solution to be colored.7 The wavelength of the LSPR is influenced by both the shape of 
the particle, and also the dielectric constant of the media. For example, the plasmon of gold 
nanorods (one of many different shapes of AuNP including spheres,8 stars,9 triangles,10 and 
rasberries11) can be tuned by changing the aspect ratio of the rod as shown in Figure 1.1.12 As the 
aspect ratio of the rod increases, the plasmon corresponding to the longitudinal dimension of the 
nanorod shifts to longer wavelengths (Figure 1.1.b). The ability to tune the plasmon position 





Figure 1.1: A) photographs of gold nanoparticle solutions in order of increasing aspect ratio from 
1.1 to 4.4 from left to right, B) UV-Vis-NIR spectra of gold nanoparticle solutions, and TEM 
micrographs of gold nanoparticles with aspect ratio C) 1.1, D) 2.0, E) 2.7, F) 3.7, and G) 4.4.  
Reprinted with permission from ref 12. Copywrite 2014 American Chemical Society.    
 
 While there are many ways to prepare AuNPs including lithography and electrochemical 
hard templating,13-16 solution phase syntheses afford a convenient way to synthesize both 
isotropic and anisotropic AuNPs. The most ubiquitous AuNP is the isotropic nanosphere(AuNS), 
and the synthesis approach still favored today was reported by Turkevich et al. in 1951.8 As 
shown in Figure 1.2, an aqueous solution of HAuCl4 is brought to a boil in the presence of 
trisodium citrate which acts as both a reducing agent converting Au3+→ Au0, and a capping 
agent which is critical for the stability of the AuNPs in solution. The initial HAuCl4 solution is 
pale yellow, and changes clear upon addition of sodium citrate which corresponds to the 
reduction of Au3+. The solution turns purple after several seconds indicating the formation of 
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gold clusters on the order of 5 nm or less which coalesce into larger nanoparticles marked by a 
color change to red, and the evolution of a defined plasmon peak at ~520 nm.17 As the reaction 
proceeds over the course of 1 hour, the plasmon peak sharpens as the size distribution narrows. 
This protocol can be tuned to produce gold nanospheres (AuNS) with diameters ranging from 12 
– 30 nm. Anisotropic gold nanorods can be made in solution using seed mediated syntheses.18-19 
An aqueous solution containing cetrimonium bromide (CTAB) and HAuCl4 is reduced by 
NaBH4 to produce gold seeds on the order of 1 – 3 nm. Gold nanorods are produced when 
ascorbic acid serving as a reducing agent is added to a growth solution containing the gold seeds, 
CTAB, HAuCl4, and AgNO3. CTAB acts as a capping agent to stabilize the nanorods, and 
varying the amount of AgNO3 changes the aspect ratio of the rods allowing the plasmon to be 
tuned (Figure 1.1). 
 
 
Figure 1.2: A) The synthesis of gold nanoparticles via reduction by citrate and B) a cartoon 
representation of citrate capped gold nanospheres.  
 
 The surface chemistry of AuNPs is important for the stability of the nanoparticle in 
solution, and can be modified to enable use of the nanoparticles in different applications.20 
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AuNPSs have a high surface area to volume ratio which results in a high surface energy. To 
prevent aggregation of the nanoparticles which minimizes the surface energy, AuNPs are 
typically stabilized via electrostatic repulsion or steric hindrance through molecules on the 
nanoparticle surface.  
Citrate capped AuNS are an example of a nanoparticle system stabilized through 
electrostatic repulsion. The negatively charged citrate ions on the particle surface facilitate 
repulsion between particles in solution. The surface charge of  AuNPs can be easily modified 
with a layer-by-layer approach using polyelectrolytes (charged polymers).21  For example, when 
positively charged CTAB capped gold nanorods are incubated with negatively charged 15,000 
Da polyacrylic acid in the presence of a small amount of NaCl to adjust the ionic strength of the 
solution, the polyacrylic acid adsorbs to the gold nanorod changing the surface chemistry and the 
surface charge. The ionic strength adjustment is key for this process because the ions in solution 
screen internal polyelectrolyte charges allowing the polyelectrolyte to adopt an open and 
extended conformation enabling conformal coating of the AuNP. Polyelectrolyte coatings have 
been used to load AuNPs with small molecules for release applications.22  
Thiolated ligands are also commonly used to modify the surface chemistry of AuNPs 
because the gold—thiolate bond is quite strong (~ 50 kcal/mol).23 Incubating thiolated ligands 
with AuNPs facilitates ligand exchange by displacing the existing capping agent on the particle 
surface. There are a wide range of different molecules can be thiolated from proteins to dyes, 
which allow AuNPs to be used in different applications.24-25 Poly(ethylene glycol) methyl ether 
thiol (PEG-thiol) is commonly used in ligand exchanges, and this is an example of AuNP 
stabilization by steric hindrance. The large bulky PEG chains (1,000-10,000 Da) prevent 
aggregation. Additionally, the amphiphilic PEG coating enables transfer of nanoparticles from 
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aqueous to organic solvents, and can be used to prevent adsorption of proteins to the AuNP 
surface in biological systems.26-27         
1.3 Applications of Gold Nanoparticles in Biological Systems 
The desirable properties of AuNPs have been harnessed to better understand biological 
systems and as tools to advance medicine. Broadly, AuNPs are used as sensing platforms, as aids 
in imaging biological systems, and in disease treatment as drug delivery vehicles.28-30  
Biomolecular Sensing 
Detecting biological molecules is critical for many biomedical applications. All sensors 
include a detection or recognition unit, and a transducer to amplify the recognition event. 
Versatile AuNP surface chemistry enables detection schemes such as antibody and antigen 
binding, nucleic acid hybridization, sugar and lectin binding, and biotin and streptavidin binding, 
while the optical properties of AuNPs allow for signal amplification through color changes, 
plasmonics, and surface enhanced Raman scattering (SERS).31-32  
The modern over-the-counter pregnancy test is an example of a commercial lateral flow 
qualitative colorimetric AuNP biosensor.33 The device, shown in Figure 1.3, uses antibodies 
conjugated to AuNSs to detect human chorionic gonadotropin (hCG) (a hormone present in the 
urine when an egg is implants in the uterus), and the bright red color of the AuNSs indicates a 
positive result.34 Aggregation of AuNPs can also be a useful colorimetric indicator.35 Well 
dispersed AuNPs are brightly colored, but when particles aggregate the color changes to 
purple/grey due to broadening of the plasmon. For example, AuNS aggregation has been used as 
a detection scheme in ELISA assays to quantify HIV capsid antigen p24 in whole serum at lower 
limits of detection (1x 10-18 g/mL) than the standard nucleic acid based tests used to quantify the 





Figure 1.3: The home pregnancy test is an example of a biosensor that utilizes AuNSs as a 
colorimetric indicator. Reprinted with permissions from ref 34 under the terms of the Creative 
Commons Attribution License (https://creativecommons.org/licenses/by-nc-sa/3.0/).  
 
Surface plasmon resonance (SPR) of bulk gold sensors is used to detect binding events 
between biomolecules, and this can also be done using the LSPR of AuNPs while improving 
sensitivity, enabling multiplexing, and enabling integration with microfluidic devices.32, 38 LSPR 
sensors detect changes in the refractive index of the surrounding environment. The relationship 
between the LSPR peak wavelength and refractive index is  
𝜆𝑚𝑎𝑥 = 𝜆𝑝√2𝑛𝑚2 + 1                                                 (1.1) 
where λmax is the LSPR peak wavelength, λp is the wavelength of the plasma frequency of the 
bulk metal, and nm is the refractive index of the media.
32 As a result, binding organic molecules 
to AuNPs red shifts the LSPR peak wavelength. Beyond applications in assays for targeted 
analytes, LSPR has been used for biomolecular applications including label-free observation of 
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the dynamics and kinetics of protein adsorption and denaturation, and monitoring lipid bilayer 
assembly.39-44   
 Finally, AuNPs are also used as platforms for SERS based sensing. Raman scattering is 
the inelastic scattering of incident photons resulting from the excitation or relaxation of 
vibrational modes within the molecule which is observed as a change in wavelength. Raman 
signals are inherently weak due to small Raman scattering cross-sections on the order of ~10-30 
cm2.45 However, the intensity of Raman signals can be increased by 5-6 orders of magnitude by 
placing the molecule of interest on or near rough noble metal surfaces or noble metal 
nanostructures.46 The intensity of SERS signals is the product of the intensity of the incident 
electromagnetic radiation and the polarizability derivative meaning that the field enhancement 
resulting from the plasmon resonance of a noble metal nanostructures is a driving mechanism 
behind the enhancement in SERS.47 The simplest SERS biosensing applications involve direct 
detection of the a target analyte using a plasmonic particle, but this usually involves complex 
purification processes beforehand to avoid interference from the sample matrix. Assays using 
AuNPs labeled with Raman active tags have been developed for quantification of target proteins 
or nucleic acids in more complex biological matrixes.48   
Valuable qualitative information can be gleaned from SERS spectra as Raman active 
molecules have a spectral fingerprint which is useful in label-free multiplexing applications as 
well as protein studies. The orientation of proteins on surfaces can be elucidated by SERS by 
comparing the Raman spectrum and the SERS spectrum. The vibrational modes of the protein in 
alignment with the electromagnetic field at the surface of the plasmonic substrate are enhanced 
more than the modes perpendicular to the field indicating the orientation of the protein on the 
surface.48 Denaturation can also be observed in this manner.49     
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Imaging in Biological Systems 
 AuNPs are used as labels and stains to visualize tissues, tumors, and cells through their 
high contrast in electron microscopy, and optical properties.  
The resolution of electron microscopy enables detailed imaging of organelle structure and 
intercellular structures. Immunogold labeling can be used in both scanning electron microscopy 
(SEM) and transmission electron microscopy (TEM) to show where proteins inside the cell and 
on the cell membrane are localized.50-51 AuNPs are functionalized with an antibody to target a 
specific protein in or on the cell, and the high atomic number (Z) of gold provides contrast in 
electron micrographs of cells and tissues where the majority of material in the image is low Z. 
This can be applied to backscattering electron images in SEM where the high Z of the AuNP 
shows up brighter than the rest of the image, or TEM images where the AuNPs appear darker. 
Immunogold labeling in electron microscopy has played an important role in elucidating 
intracellular pathways.52-54   
The optical properties of AuNPs are useful for imaging applications. The optical cross-
section of 40 nm AuNSs is roughly 4 – 5 orders of magnitude greater than the dye molecules 
typically used in imaging applications, and AuNPs avoid problems with dyes like 
photobleaching 55 While AuNS have a limited range of accessible wavelengths (~520 – 540 nm), 
the wavelength of gold nanorods can be tuned into the near IR which is useful for imaging in 
tissues. AuNPs also scatter light effectively which enables dark field optical imaging. Huang et 
al. showed that cancerous cells tagged with gold nanorods can easily be differentiated from 
healthy cells in a dark field microscope, and then destroyed by photothermal heating induced by 
the particles.56 Coupling Raman reporting molecules to AuNPs in order to capitalized on SERS 
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is an especially effective approach for multiplexed imaging and has been used to examine 
tumors, and live cells.57-59  
Drug Delivery  
 AuNPs have been used as platforms for drug delivery. The high surface area to volume 
ratio is desirable for loading, there are many chemistries available for conjugating drugs and 
targeting molecules to the particle surface, and in some cases like gene therapy nanoparticle 
conjugation protects the payload from degradation.60-62 Nanoparticles may be particularly 
effective in cancer treatment because of the enhance permeability and retention (EPR) effect.63 
Because of their size nanoparticles have longer circulation times than smaller drugs which means 
that they can accumulate in tumors which have leaky vasculature compared to other structures. 
Once internalized in the tumor the nanoparticles have long retention times because tumors also 
have poor drainage. AuNPs have even been shown to pass through the blood brain barrier which 
continues to present a drug delivery challenge.64 Finally, the photothermal effect is a convenient 
mechanism for stimulated drug release from AuNR.65 
 
1.4 Protein Corona 
Most of the applications described in the preceding section involve exposing 
nanoparticles to biological fluids. Exposure completely changes the surface chemistry of the 
nanoparticle because proteins in the solution adsorb to the particle forming and a layer called the 
protein corona. Understanding the formation, properties, and evolution of the protein corona is 
imperative for effectively implementing nanotechology in biological applications. The protein 
corona becomes the surface chemistry “seen” by the system. Sensing, imaging, and therapeutic 
applications use AuNPs functionalized with targeting ligands, but the protein corona can obscure 
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the ligands hurting targeting efficiency.66 Loss of targeting efficiency is dangerous in drug 
delivery applications due to compromised pharmacokinetics.67 Protein corona formation locally 
changes protein concentrations, and can induce protein structural changes both of which can 
trigger unexpected immune and cellular responses.68-69 Fully understanding the formation, 
composition, evolution, and systematic response to the protein corona is necessary to reliably 
implement nanotechnology in biological systems.     
Protein Corona Formation 
 The protein corona consists of two layers, as shown in Figure 1.4. Proteins with a high 
affinity for the particle surface and small off rates (exchange on the scale of hours to days) make 
up the inner hard corona.70 The loosely bound outer layer is the soft corona, termed so because 
this layer can be stripped away by centrifugation in contrast to the hard corona which remains 
intact after centrifugation. Interactions in the soft corona are dynamic governed primarily by 
protein-protein attraction, and exchange rates are on the order of minutes. In a mixture of 
proteins like plasma or cell culture media the protein corona evolves over time, but reports differ 
as to how the corona evolves. Casals et al. suggest that on AuNPs, the protein corona evolves 
based on the Vroman effect in which the initial composition of the corona is dominated by the 
proteins in highest abundance in solution.71 Over time, the composition changes as the abundant 
proteins are exchanged with proteins having higher affinity for the particle. However, Tenzer et 
al. performed proteomic studies on the plasma protein corona formed on silica and polystyrene 
nanoparticles and found that the composition of the corona did not change qualitative over time, 
but rather changed quantitatively.72 In other words, the identities of the bound protein did not 





Figure 1.4: The protein corona consists of a tightly bound hard corona, and a labile soft corona. 
The proteins shown in this schematic are common plasma proteins. Reprinted with permission 
from ref 70 Copywrite 2014 American Chemical Society. Adapted from Fleischer et al.  
 
 Much of the research in this area looks to elucidate the variables that dictate the 
composition, thickness, orientation of bound proteins, and structure of bound proteins. The 
properties of the underlying nanoparticle including size, shape, and surface chemistry as well as 
the identity of the protein(s), pH, ionic strength, composition, and temperature of the solution all 
play a role in adsorption outcomes. The size of the nanoparticle affects the density of bound 
proteins through available surface area as well as curvature.73-74 Piella et al. show that when the 
nanoparticle diameter is small (3 nm) the footprint of bound protein in the hard corona is smaller 
than at larger diameters (10-100 nm) because the surface curvature of the nanoparticle decreases 
which allows for proteins to denature, and pack more closely on the surface. Reports show that 
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binding constants differ for nanoparticles with the same surface chemistry but different shapes, 
and the composition of the protein corona formed in plasma depends on the particle shape as 
well.75-76 Surface chemistry has a profound influence on the adsorption mechanism, and 
orientation of bound proteins. The surface chemistries available for nanomaterials are diverse 
spanning from hydrophobic polymeric particles, to charged polyelectrolytes, to specialized 
designer ligands each producing protein coronas with different properties. In the AuNP field, 
particles are typically stabilized by electrostatic repulsion from charged ligands or coatings, or 
steric repulsion due from neutral ligands like PEG. Proteins adsorb readily to charged AuNPs 
while neutral PEG coated AuNPs and zwitterionic ligands are reported to decrease protein 
adsorption.77 In some cases the orientation of the protein on the particle can be controlled via 
surface charge. Lin et al. showed that α-synuclein (a presynaptic protein) binds to negatively 
charged citrate capped AuNS through the N-terminus, and binds to positively charged (16-
mercaptohexandecyl)trimethylammonium bromide capped AuNSs through the C-terminus.78 
However, charge alone does not dictate the adsorption outcome because α-synuclein forms 
agglomerates in the presence of positively charged poly(allyl amine) hydrochloride wrapped 
AuNSs.79  
Solution conditions are an important consideration. Charge screening by ions affects the 
colloidal stability of nanomaterials stabilized by electrostatic repulsion, as well as protein 
conformation. The pH of the solution dictates the net charge of both nanoparticles and proteins. 
In cases where protein adsorption is facilitated by electrostatics, both factors are at play. Surface 
coverage can be manipulated by changing the pH and the ionic strength.80   
 Adsorption can induce protein conformational changes which in turn alter the 
functionality of the protein. Conformational changes are a source of major concern in biomedical 
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applications where misfolded proteins could be dangerous for patients. The enzymatic activity of 
nanoparticle bound proteins is often reduced due to restricted access to active sites based on the 
orientation of the protein on the particle surface, steric crowding, or loss of conformational 
integrity.81 However, in some cases careful control over adsorption conditions and surface 
coverage results in functional bio-nanocomposites when the orientation of the enzyme active site 
faces outward on the particle surface. This is observed when trypsin is conjugated to copper 
sulfide nanoparticle where trypsin retains 98% of its enzymatic activity at sub monolayer surface 
coverage.82 Denaturation also changes the footprint of the protein on the particle surface which 
has implications for binding strength and surface coverage.73  
 The protein corona field is currently driven by two main types of studies. Finger printing 
studies expose a given nanomaterial to a complex mixture or allow the material to circulate 
through an organism after which the different proteins are identified and quantified. The second 
type of experiment involves isolating one or two nanoparticle parameters (size, shape, chemistry 
etc.), and examining how this parameter affects the adsorption of a single protein or simple 
mixture to learn detailed information about the formation and properties of a simpler corona. 
Combined, these two approaches aim towards predicting protein corona outcomes based on the 
properties of a given nanoparticle.  
Protein Corona Characterization 
 The proteins that make up the corona in a complex protein mixture are analyzed by gel 
electrophoresis and mass spectrometry. Nanoparticle-protein complexes are separated from 
solution by centrifugation or size exclusion chromatography, and the nanoparticle is dissolved 
leaving behind free protein. Gel electrophoresis separates proteins based on size and charge 
which is useful for classifying the adsorbed proteins. However, LC-MS is the gold standard for 
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protein identification and quantification enabling identification of dozens of proteins comprising 
the protein corona through tandem MS.72, 83 Proteomics is the corner stone in efforts to describe 
protein corona evolution over time in complex mixtures.  
 Aside from identifying bound proteins, characterizing the protein corona requires 
quantifying bound protein and examining the affinity of proteins for the nanoparticle surface. 
Binding constants are useful for evaluating the strength of the interaction between proteins and 
nanoparticles. Many different analytical techniques are used to measure binding constants. A 
basic but effective approach is to quantify the amount of free protein in solution after incubating 
with nanoparticles.80  Dynamic light scattering (DLS) is one of the most common measurement 
methods. This technique measures the change in the hydrodynamic diameter of the particle as 
proteins adsorb to the surface. In addition to binding strength, DLS shows the physical size of the 
nanoparticle-protein complex which can reveal single layer vs multilayer adsorption, and the 
orientation of the protein on the particle.71, 79 Spectroscopic approaches include fluorescence, 
LSPR shifts, and circular dichroism spectroscopy.75, 78, 84 These are just a few of the many 
analytical techniques that have been used in the field, and the reported binding constants vary 
wildly by orders of magnitude for nominally the same nanoparticle-protein systems.75 
Unfortunately, there is neither a consensus on accepted measurement methods, nor 
standardization of best practices across the protein corona field to facilitate meaningful 
comparisons across different studies.   
 
1.5 Conclusions 
Over the past several decades AuNPs have been used in sensing, imaging, and drug delivery 
applications because of their versatile surface chemistry and optical properties. However, the 
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protein corona is a major concern in implementing nanotechnology in biological systems. The 
protein corona completely alters the surface chemistry of nanomaterials which can have 
unintended effects like decreased targeting efficiency. Better understanding of the complex 
interplay between nanoparticle, protein, and solution properties that dictate protein corona 
formation will help fully realize the promise of nanotechnology. The goal of this thesis work is 
to expand the toolbox of properties that can be used to predict protein adsorption outcomes like 
binding constants, secondary structure changes, protein agglomeration, and enzymatic activity of 
nanoparticle-protein conjugates. The degree of ease with which a protein can be deformed is a 
property of proteins that has not been extensively explored in the protein corona field before, and 
will be used as a lens through which adsorption outcomes will be considered in the following 
chapter.   
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CHAPTER 2: PROTEIN ADSORPTION TO CHARGED GOLD NANOSPHERES 
THROUGH THE LENS OF PROTEIN DEFORMABILITY1 
 
2.1 Abstract 
The corona that forms as protein adsorbs to gold nanospheres (AuNSs) is directly 
influenced by the surface chemistry of the AuNS. Tools to predict adsorption outcomes are 
needed for intelligent design of nanomaterials for biological applications. We hypothesized that 
the denaturation behavior of a protein might be a useful predictor of adsorption behavior to 
AuNSs, and used this idea to study protein adsorption to anionic citrate capped AuNSs and to 
cationic poly(allylamine hydrochloride) (PAH) wrapped AuNSs. Three proteins (α-amylase (A-
Amy), β-lactoglobulin (BLG), and bovine serum albumin (BSA)), representing three different 
classes of acid denaturation behavior, were selected with BLG being the least deformable, and 
BSA being the most deformable. Changes to the protein structure upon AuNS interaction were 
monitored via circular dichroism spectroscopy. Protein adsorption to AuNSs was monitored via 
UV-Vis spectrophotometry and dynamic light scattering. Binding constants were determined 
using the Langmuir adsorption isotherm, resulting in BSA > BLG >> A-Amy affinities for 
citrate-capped gold nanospheres. PAH-coated AuNSs displayed little affinity for these proteins at 
similar concentrations as citrate-coated AuNSs, and became agglomerated at high protein 
concentrations.  The enzymatic activity of A-Amy/citrate AuNS conjugates was measured via 
colorimetric assay, and found to be 11% of free A-Amy, suggesting that binding restricts access 
to the active site. Across both citrate AuNS and PAH AuNS, the changes in secondary structure 
                                                 
1 Adapted and reprinted with permission from Dennsion, J. M.; Zupancic, J. M.; Lin, W.; Dwyer, J. H.; Murphy, C. 
J. Protein Adsorption to Charged Gold Nanospheres as a Function of Protein Deformability. Langmuir. 2017, 33, 
7751-7761. Copywrite 2017 American Chemical Society. 
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were greatest for BSA > A-Amy > BLG, which does follow the trends predicted by acid 
denaturation characteristics.   
 
2.2 Introduction 
Nanotechnology has provided potential new agents for medical imaging, drug delivery, 
diagnostics, and therapeutics.1-4 Such applications require careful material design, and surface 
chemistry tuning to target a specific cell type, location in the body, or biomarker. Introduction of 
colloidal nanostructures into biological media exposes the nanoparticle surface to a complex 
mixture of proteins which adsorb to the surface creating a “protein corona”.5-6 The protein 
corona completely alters the surface chemistry of the nanoparticle, reduces targeting efficiency,7-
8 and influences the biological fate of nanoparticles by altering cell uptake and immune 
responses.9-12 Understanding the molecular interactions that shape the interface between a 
nanoparticle surface and a biological system is critical in the development of nanoparticle based 
technologies for medical applications.13   
Gold nanoparticles (AuNPs) are of great interest for biological applications due to their 
optical and photothermal properties. In addition to the wide range of accessible sizes and shapes, 
AuNP surface chemistry is highly tunable.14 Thiol chemistry and polyelectrolyte wrapping allow 
for control over the hydrophobicity, surface charge, and exposed functional groups. 
Characteristics like the size, shape, and surface chemistry have been shown repeatedly to 
influence the protein corona.15-20 In addition to a tunable surface, AuNPs have useful optical 
properties. The brilliant color of AuNP solutions comes from the localized surface plasmon 
resonance (LSPR) which is sensitive to the dielectric constant of the surrounding media.21 
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Therefore, AuNPs are excellent substrates for protein adsorption studies because there is a shift 
in the peak position as protein adsorbs to the particle surface.  
As proteins adsorb to the particle surface, it is possible for the conformation of the 
protein to change.11, 16, 22-23 Adsorption to a surface can alter the ability of the protein to perform 
its function due to conformational changes of the protein, or restricted access to the functional 
sites. Denaturation can alter the arrangement and packing of proteins on the surface by exposing 
domains that are otherwise inaccessible, which not only affects interactions between proteins on 
the surface of the particle, but may also affect the biological response to the protein/nanoparticle 
conjugate. The degree and ease with which a protein can be deformed is therefore an interesting 
lens through which to consider protein corona formation. Does a protein that is easily denatured 
have a higher or lower binding constant than a protein that is more difficult to denature? Can 
denaturation characteristics be used to predict adsorption behavior? 
In 1994 Fink et al. described the acid denaturation behavior of proteins by classifying 
proteins into three main types.24 Type I proteins undergo two transitions during titration with 
HCl, proceeding first to an unfolded state at pH 3-4, and but then regain some order and structure 
as the pH is decreased further. Examples of Type I proteins include cytochrome c, myoglobin, 
ribonuclease, and α-amylase. Type II proteins, including α-lactalbumin, carbonic anhydrase, and 
bovine serum albumin, transition directly to a molten globule state upon acid denaturation. Type 
III proteins like ubiquitin, lysozyme, and β-lactoglobulin are resistant to acid-induced 
denaturation, and show little to no unfolding in the presence of acid. These denaturation 
characteristics set up a framework for this protein adsorption study by describing the 
“deformability” of a given protein. One protein from each class of denaturation behavior was 
chosen, and adsorption isotherms as well as circular dichroism (CD) spectra were measured to 
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evaluate adsorption behavior. The proteins selected for this study include α-amylase (Type I, 
moderately deformable), bovine serum albumin (Type II, most deformable), and β-lactoglobulin 
(Type III, least deformable). Table 2.1 details the physical characteristics of these three proteins 
along with their denaturation characteristics. 
 
Table 2.1: Physical characteristics and acid denaturation behavior classifications for A-Amy, 
BSA, and BLG.24-28 





55.4 66 18.4 (monomer) 
36.8 (dimer) 
Isoelectric point 7.5 4.7 5.2 






state from pH 2-4, 




from native state to 
molten globule 
Type III: 
Resistant to high acid 
conc. Holds native 




















 In this study, the effect of surface chemistry on protein adsorption was evaluated by 
preparing gold nanospheres (AuNSs) with the same gold core size, and then altering the surface 
chemistry to change the surface charge of the particles. Negatively-charged citrate capped 
AuNSs are ubiquitous in the literature because they are easily synthesized using the Turkevich 
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method, and the surface chemistry of these particles can be further modified after synthesis; 
therefore, citrate-coated AuNS serve as an anionic substrate for protein adsorption in this study. 
Polyelectrolyte wrapping allows citrate AuNSs to be further modified with poly(allylamine 
hydrochloride) (PAH) to give a positively charged substrate. These two surface chemistries have 
been compared in a few protein corona studies,15-16  cell internalization studies,29 and studies 
determining the effect of AuNS surface chemistry on human cell lines,30-31 and in each case the 
response of the system differs for the two surface chemistries. The contrast between these two 
AuNSs emphasizes the important influence surface chemistry exerts on the protein corona, and 
the aim of this study is to examine the effect that surface chemistry can have within the context 
of the deformability of the proteins adsorbed.  
 
2.3 Methods 
Gold (III) chloride trihydrate (HAuCl4·3H2O, ≥ 99.9%), sodium citrate tribasic dihydrate 
(Na3Ct·2H2O, ≥ 99%), poly(allylamine hydrochloride) (PAH), ~17,500 g/mol, poly(acrylic acid, 
sodium salt) (PAA), ~15,000 g/mol, 35 % wt in water, α-amylase (A-Amy) from Aspergillus 
oryzae (~30U/mg), β-lactoglobulin A (BLG) (≥ 90% PAGE), bovine serum albumin (BSA) (≥ 
98.0 % GE), ACS reagent grade soluble starch, dinitrosalicyclic acid (DNS) (≥ 98 %), potassium 
sodium tartrate (KNaC4H4O6·4H2O, 99% ACS reagent), and sodium phosphate monobasic 
dihydrate (NaH2PO4·2H2O ≥ 99.0%) were obtained from Sigma-Aldrich. (3-(N-
mopholino)propanesulfonic acid) (MOPS) was purchased from Fisher Bioreagents. A Pierce 
BCA Protein Assay Kit was purchased from Thermo Scientific (product # 23227). All solutions 
were prepared in 18 MΩ Nanopure water. Glassware was cleaned prior to synthesis using aqua 
regia, and then rinsed with Nanopure water. 
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Synthesis of Gold Nanoparticles 
 Citrate capped AuNS with a diameter of 20 nm were prepared using the Turkevich 
method.32 Briefly, 5.0 mL of 0.01 M HAuCl4 was added to an Erlenmeyer flask containing 195 
mL of nanopure water. The solution was stirred and brought to a rolling boil at which point 4.0 
mL of 5% (w/w) sodium citrate was added to the flask. The solution stirred while boiling for 45 
minutes over which the color changes to deep red. After 45 minutes 1.0 mL of 1% (w/w) sodium 
citrate was added to the solution, and the heat was removed. Once cooled to room temperature 
the solution was centrifuged once at 8,000 rcf for 20 minutes to remove excess citrate from 
solution, and then the citrate capped AuNSs were re-suspended as needed in 5 mM sodium 
phosphate buffer at pH 7.4.   
AuNSs with positive surface charge were prepared by polyelectrolyte wrapping. The as-
synthesized citrate AuNS were diluted to 1 nM in water. The concentration of AuNS solutions 
was determined using the absorbance at 450 nm, and an extinction coefficient of                         
5.4 x 108 M-1cm-1, which is based on the diameter of the AuNS.33 Solutions of 0.01 M NaCl and 
10 mg/mL poly(allylamine hydrochloride) (PAH) were prepared. For every 1 mL of 1 nM AuNS 
100 µL of NaCl solution and 200 µL of polyelectrolyte solution was used. The NaCl solution 
and polyelectrolyte solutions were combined and then added rapidly to the AuNS solution. The 
particles were left stirring overnight, and then centrifuged at 8000 rcf for 20 minutes. The 
polyelectrolyte procedure was repeated with negatively-charged polyacrylic acid (PAA), and a 
final poly(allylamine hydrochloride) layer so that the final PAH AuNSs were wrapped in a total 
of three layers of polyelectrolyte with a positively charged PAH layer facing outward (Figure 
2.1). The PAH AuNSs were suspended in 5 mM MOPS buffer at pH 7.4. Two different buffer 
systems were used to prevent the citrate and PAH AuNSs from aggregating before interacting 
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with proteins, and a buffer is required to maintain the pH of the system for protein stability. 
Citrate AuNSs are stable in sodium phosphate buffer, but aggregate in MOPS buffer, while PAH 
AuNSs are stable in MOPS buffer, but aggregate in sodium phosphate buffer. 
 
 
Figure 2.1: Schematic representation of the polyelectrolyte wrapping procedure used to prepare 
triple wrapped PAH AuNS. 
 
Characterization of Gold Nanoparticles  
AuNS solutions were characterized using a Cary 500 Scan UV-Vis-NIR 
spectrophotometer. Low resolution spectra were collected over 400-750 nm with a step size of 
1.0 nm and at a scan rate of 30.3 nm/sec. High resolution spectra were collected between 500-
550 nm with a step size of 0.1 nm at a scan rate of 1 nm/sec. Particle sizing was performed using 
dynamic light scattering (DLS) (Zeta PALS from Brookhaven Instruments Corporation) and 
transmission electron microscopy (TEM) (JEOL 2100 Cryo TEM at an accelerating voltage of 
200 keV). Zeta potential measurements (Zeta PALS from Brookhaven Instruments Corporation) 
were used to determine AuNS effective surface charge. Measured particle sizes and surface 
charge are shown in Table 2.2.  
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Table 2.2: Characterization of citrate and PAH AuNSs in 5 mM sodium phosphate buffer, and 5 
mM MOPS buffer respectively. 
Property Citrate AuNS PAH AuNS 
Diameter of AuNS core by TEM (nm) 20.7 ± 0.7 23.5 ± 5.0 
Hydrodynamic Diameter (nm) 28.7 ± 0.4 31.0 ± 1.2 
Zeta Potential (mV) -32.6 ± 3.0 +33.4 ± 1.3 
 
Preparation of Protein Solutions  
Protein solutions were prepared in 5 mM phosphate buffer or 5 mM MOPS pH adjusted 
to 7.4 depending on whether the proteins were to interact with citrate or PAH AuNS 
respectively. A-Amy solutions were passed through a 0.2 µm filter prior to use to remove any 
solid from solution. Concentrations of BLG and BSA protein solutions were confirmed by UV-
Vis at 280 nm (extinction coefficients are 17,600 M-1cm-1 and 43,824 M-1cm-1 respectively), and 
the bicinchoninic acid assay (BCA) was used to determine the concentration of A-Amy which is 
only slightly soluble at pH 7.4 (vide infra).  
Circular Dichroism  
Protein solutions were prepared at 6 µM A-Amy, 10 µM BLG, or 3 µM BSA in either 5 
mM sodium phosphate buffer or 5 mM MOPS depending on whether the experiment used citrate 
AuNSs or PAH AuNSs respectively. AuNSs were added to the protein solutions so that the final 
AuNS concentration was 3 nM in the BSA system, and 6 nM in the A-Amy and BLG systems. 
Conjugates for circular dichroism (CD) were incubated at 4 °C overnight prior to the 
measurement. Approximately 250 µL of solution in 1 mm quartz cuvettes were measured on an 
Olis Cary-16 circular dichroism spectrometer. The CD traces shown are an average of 10 scans, 
and an integration time set as function of photomultiplier voltage. Data were fit to determine 
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secondary structure using the K2D method run through DichroWeb. A fit to the experimental 
data was accepted when the normalized root-mean-square deviation was < 0.22.  
Adsorption Isotherms  
The adsorption of proteins onto AuNS was monitored by UV-Vis spectrophotometry and 
DLS.  A UV-Vis titration begins by collecting a high-resolution spectrum of a 750 µL sample of 
1 nM AuNS. Then an aliquot of protein was added into the system. After a predetermined 
incubation period, another high-resolution spectrum was collected. This process continued until 
there was no longer an observable shift in signal. Each titration was replicated in quadruplicate. 
UV-Vis measurements were performed in disposable plastic cuvettes. The procedure for a 
titration monitored by DLS was the same as the UV-Vis titration.  
BCA Assay  
The bicinchoninic acid assay is a colorimetric method for determining total protein 
concentration, and this was used to determine the concentration of A-Amy solutions. A-Amy is 
sparingly soluble at pH 7.4 making the concentration of the protein difficult to determine via 
absorbance at 280 nm, as there are multiple ε values reported in the literature.34-35 Colorimetric 
assays have been used to quantify A-Amy by other groups because of this.36-39 The “standard 
enhanced protocol” from the Pierce BCA Protein Assay Kit was used to determine the amount of 
protein in solution. A-Amy solutions were compared to a BSA standard curve spanning 5, 25, 
50, 125, and 250 µg/mL (Figure 2.2). The working reagent is prepared by mixing 50 parts of 
BCA Reagent A with 1 part Reagent B as received in the kit. In a 15 mL centrifuge tube, 2 mL 
of the working reagent was added to 100 µL of protein solution, and they were mixed by 
inverting the tube. The mixture was heated to 60 °C in a water bath for 60 minutes during which 
time the solution changed from green to purple. After cooling for 15 min, the absorbance of the 
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solution was measured at 562 nm. A stock solution of A-Amy was prepared in 5 mM sodium 
phosphate buffer. The absorbance of this solution at 280 nm is 0.390. BCA analysis of an A-
Amy solution prepared by adding 12.2 µL of an A-Amy stock solution to 2.0 mL of 5 mM 
sodium phosphate buffer gives an [A-Amy] = 200 ± 9 nM, which means that the concentration of 
the A-Amy stock solution is 33.0 ± 1.5 µM. Using the absorbance measured previously, the 
following equation can be used to solve for the molar absorptivity of A-Amy  
𝐴 = 𝑐𝑙𝜀                                                               (2.1) 
where A is absorbance, c is concentration in M, l is the path length in cm, and ε is the molar 
absorptivity in M-1cm-1. This gives ε = 11,800 ± 500 M-1cm-1.    
 
 
Figure 2.2: BSA standard curve for BCA analysis. This standard curve was used to determine the 




The activity of A-Amy/citrate AuNS was measured (described in the next section), and 
BCA was used in this process to quantify A-Amy. In the activity experiment we only want to 
measure contributions from A-Amy bound to the AuNSs, but conjugate preparation necessitates 
excess A-Amy in solution. The excess protein can be removed via centrifugation, but 
centrifugation also strips off the loosely bound soft corona leaving behind conjugates consisting 
only of tightly bound A-Amy. The number of proteins adsorbed to each AuNS is expected to be 
less than measured previously using titrations because the soft corona is removed. This 
necessitates an additional quantification step to determine the number of A-Amy per citrate 
AuNS after the conjugates are centrifuged.  BCA was used to determine the amount of A-Amy 
bound to citrate AuNSs after centrifugation by comparing the concentration of protein in solution 
before addition to AuNSs solutions, and after conjugates are formed and centrifuged. The 
amount of A-Amy bound was calculated using the following equation 
        [𝐼𝑛𝑖𝑡𝑖𝑎𝑙]A-Amy − [𝑅𝑒𝑚𝑎𝑖𝑛𝑖𝑛𝑔]A-Amy = [𝐵𝑜𝑢𝑛𝑑]A-Amy      (2.2) 
where [Initial]A-Amy is the A-Amy in solution before citrate AuNSs are added, and [Remaining]A-
Amy
 refers to the A-Amy left in the supernatant after A-Amy/citrate AuNS conjugates were 
centrifuged. Conjugates were formed by incubating 500 A-Amy:1 AuNS (for example: 103 µL 
of 80 µM A-Amy with 3 mL of 5.5 nM citrate AuNS) for 30 min, and then centrifuging for 20 
min at 4000 rcf. An equivalent aliquot of protein was added to 3 mL of 5 mM phosphate buffer 
to give [Initial]A-Amy. Additionally, an equivalent volume of 5 mM phosphate buffer was added to 
5.5 nM citrate AuNSs, and centrifuged under the same conditions as a control. An aliquot was 
taken from the initial A-Amy solution ([Initial]A-Amy), the supernatant of the A-Amy/citrate 
AuNS conjugates ([Remaining]A-Amy), the supernatant of the citrate AuNS control, and 5 mM 
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sodium phosphate buffer, and analyzed using BCA to determine the amount of A-Amy that 
remains bound to citrate AuNSs after centrifugation. Table 2.3 shows the BCA analysis of A-
Amy/citrate AuNS conjugates. Samples were prepared in triplicate.  
 
Table 2.3: BCA analysis of A-Amy solutions before and after conjugation with citrate AuNSs to 
determine the number of proteins adsorbed per nanoparticle. 
Sample Absorbance [A-Amy] (µg/mL) A-Amy per AuNS 
InitialA-Amy 0.356 ± 0.004 93 ± 2 NA 
RemainingA-Amy 0.313 ± 0.004 81 ± 2 NA 
BoundA-Amy 0.043 ± 0.004 8.2 ± 2 29 ± 7 
 
 
α-amylase AuNS Conjugate Activity  
The activity of A-Amy adsorbed to citrate AuNSs was determined using a colorimetric 
assay.40 First, A-Amy/citrate AuNS conjugates were prepared as described in the preceding 
section. After centrifugation, 100 µL of the supernatant was preserved for BCA analysis to 
confirm A-Amy concentrations, the rest of the supernatant was discarded, and the conjugates 
were resuspended in 1.5 mL of 5 mM sodium phosphate buffer. A solution of free A-Amy 
matching the concentration of bound A-Amy in the conjugate solution, a citrate AuNSs control 
solution matching the concentration of A-Amy/citrate AuNS conjugates, and sodium phosphate 
buffer control were also prepared. A 1 wt% starch solution was prepared, and 0.5 mL of starch 
added to 0.5 mL of A-Amy/citrate AuNS conjugates, free A-Amy, citrate AuNSs, and buffer. 
The solutions were incubated at room temperature for 60 minutes with agitation, and then 
centrifuged at 8,000 rcf for 20 minutes. A 0.5 mL aliquot from each the supernatant of each 
solution was mixed with 1 mL of DNS reagent (1 wt% 3,5-dinitrosalicylic (DNS) acid, 30 wt% 
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sodium potassium tartrate tetrahydrate, 20 vol% 2 N NaOH), placed uncovered in a 100 °C water 
bath for 5 minutes, and then cooled in an ice bath. The absorbance of each at 540 nm was 
measured. Samples were prepared in quadruplicate. 
 
2.4 Results 
The effect of AuNS surface chemistry on the adsorption of proteins with different 
degrees of deformability (Table 2.1) was examined by titrating A-Amy, BLG, and BSA into 
solutions of citrate-capped AuNSs and PAH wrapped AuNSs. Protein was titrated into AuNS 
solutions to determine binding constants for each system. Changes in protein secondary structure 
due to adsorption were evaluated via circular dichroism (CD) spectroscopy. The enzymatic 
activity of A-Amy can be probed via a colorimetric assay, and this was done using A-
Amy/citrate AuNS conjugates to infer the accessibility of the active site of A-Amy on an AuNS 
surface.  
Circular Dichroism Spectroscopy 
 Circular dichroism spectroscopy (CD) provides insight into protein secondary structure, 
and is used routinely to probe the structure of proteins adsorbed to nanoparticles, with the caveat 
that the technique is not very sensitive, and both free and bound protein will contribute to the 
signal unless rigorous separations are performed.41 CD spectra of free A-Amy, BLG, and BSA, 
and the protein/AuNS conjugates are shown in Figure 2.3 with the secondary structure content 
determined by fitting the CD spectrum. Note that the protein is in excess, so the CD signal has 
contributions from both free protein in solution, and protein bound to the AuNSs. The secondary 
structure of the protein/PAH AuNS conjugates deviate more from the free protein than the 
protein/citrate AuNS conjugates. This is seen in Figure 2.3, and emphasized further in Figure 2.4 
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which shows CD spectra of A-Amy, BLG, and BSA with increasing concentrations of citrate and 
PAH AuNSs. As the concentration of the AuNSs increases, the changes to the CD spectra 
increase as well with more substantial change occurring in the case of PAH AuNSs. 
There are more changes to protein secondary structure when A-Amy, BLG, and BSA are 
incubated with PAH AuNS than with citrate AuNSs. The CD spectra of free BLG and 
BLG/citrate AuNS conjugates are indistinguishable, while the spectrum of the BLG/PAH AuNS 
conjugates shows suppressed β-sheet content and enhanced α-helix content. The α-helix content 
is consistent across free A-Amy, A-Amy/citrate AuNS, and A-Amy/PAH AuNS conjugates. 
However, the β-sheet content of the A-Amy/PAH AuNS conjugates is enhanced while random 
structure is suppressed. The α-helix content is consistent between free BSA and BSA/citrate 
AuNS conjugates, and the β-sheet content is suppressed while the random structure is enhanced. 
Dramatic changes in secondary structure occur upon BSA/PAH AuNS conjugate formation 
where the α-helix content is suppressed by 20%, and both β-sheet and random structure are 
enhanced. In summary, the changes in secondary structure are greater upon adsorption to PAH 
AuNSs relative to citrate AuNSs, and the degree of secondary structure change is greatest for the 





Figure 2.3: Circular dichroism spectra (A, C, E) and calculated secondary structure contributions 
(B, D, F) for A-Amy (A and B), BLG (C and D), and BSA (E and F) incubated with citrate and 
PAH AuNSs. A, C, E: The CD spectrum of the native protein is shown in black, protein/citrate 
AuNS conjugates are shown in red, and protein/PAH AuNS conjugates are shown in blue. B, D, 
F: Contributions to protein secondary structure from alpha helix (purple), beta sheet (green), and 




Figure 2.4: CD spectra of A-Amy, BLG, and BSA incubated with 0 nM (black), 3 nM (red), 6 





Protein Adsorption to Citrate AuNSs: 
Adsorption of protein to AuNSs was monitored by complementary methods; UV-vis 
spectrophotometry and DLS. UV-Vis spectrophotometry capitalizes on the plasmonic properties 
of AuNS by capturing the shift of the plasmon resonance of the particles upon protein adsorption 
due to the resulting change in refractive index. 21,42 Protein adsorption increases the apparent 
physical size of the AuNSs, and this increase is determined by measuring the hydrodynamic 
diameter by DLS. 
Adsorption of A-Amy, BLG, and BSA to citrate AuNSs, as monitored by plasmon peak 
shifts and hydrodynamic diameter shifts, is shown in Figure 2.5. Increasing concentrations of 
protein were added into AuNS solutions causing a red shift in plasmon peak position, and 
increasing hydrodynamic diameter to a maximum point after which further increases in protein 
concentration did not result in further shifts. Maximum shifts are tabulated in Table 2.4. The 
plasmon resonance red-shifted from ~525 nm to ~527-528 nm with increasing protein 
concentration. A-Amy adsorption induced the largest wavelength shift. The hydrodynamic 
diameters of the nanoparticles increased with increasing protein concentration by ~2-8 nm 
depending on the protein system. Adsorption of A-Amy showed the greatest increase in 
hydrodynamic diameter (7.9 nm), with BSA showing the smallest increase (2.9 nm). The sizes of 





Figure 2.5: Δ/Δmax with respect to protein concentration (nM) as protein solutions are titrated 
into 1 nM citrate AuNSs in 5 mM sodium phosphate buffer where Δ/Δmax refers to the change 
in LSPR peak position (black points, nm) or hydrodynamic diameter (red points, nm) divided by 
the maximum change upon adsorption of A) A-Amy, B) BLG, and C) BSA. Error bars are the 
standard deviation of the mean of four replicate titrations. Data were modeled with a Langmuir 
adsorption isotherm shown as solid lines (black corresponds to plasmon shift, and red 
corresponds to hydrodynamic diameter shift). 
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Table 2.4: Shifts in LSPR peak position and hydrodynamic diameter after addition of protein to 
citrate AuNSs in 5 mM sodium phosphate buffer and the corresponding Ka based on the 
Langmuir adsorption isotherms fit to the data in Figure 2.5. Error reported for maximum shifts* 
is five times the standard deviation of the mean, while error reported for Ka values is standard 









A-Amy 3.4 ± 0.1 2.7 ± 0.3 x 106 7.9 ± 1.4 2.8 ± 0.3 x 106 
BLG 2.1 ± 0.3 5.6 ± 1.1 x 107 3.0 ± 0.5 4.0 ± 0.8 x 107 
BSA 2.0 ± 0.4 8.4 ± 2.0 x 107 2.9 ± 0.3 6.3 ± 0.8 x 107 
 
 







                                                           (2.3) 
Where Δ and Δmax are the shift and maximum shift respectively in plasmon peak position or 
hydrodynamic diameter, Ka is the binding constant in M
-1 and Cp is the protein concentration in 
M.15 Binding constants are reported in Table 2.4 along with maximum shifts (Δmax) in plasmon 
peak position and hydrodynamic diameter. The Langmuir adsorption isotherms are shown in 
Figure 2.5. Binding constants are determined using two complementary methods, and are in good 
agreement with differences on the order of 5-29 % between LSPR shift and hydrodynamic 
diameter shift. The best agreement between the two techniques is achieved with the A-Amy 
system, and the worst agreement is with the BLG system. BSA binds most strongly to citrate 
AuNSs with a binding constant that is an order of magnitude greater than A-Amy which has the 
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lowest binding constant of the three. Theoretically, monolayer surface coverage by modeling the 
proteins as ellipses (dimensions given in Table 2.1) gives complete minimum coverage at ~18 A-
Amy/AuNS, ~65 BLG dimers/AuNS (BLG is a dimer at pH 7.4), and ~30 BSA/AuNS. Based on 
the maximum change in hydrodynamic diameter (Table 2.4) we estimate ~47 A-Amy adsorb per 
AuNS, ~92 BLG dimers adsorb per AuNS, and ~8 BSA adsorb per AuNS.  This is ~2.5 times 
greater than monolayer coverage by A-Amy, ~1.5 times greater than monolayer coverage by 
BLG, and ~0.3 times less than monolayer coverage by BSA. 
α-amylase Activity  
 A-Amy is an enzyme that digests starch by hydrolyzing the α-linkage between glucose 
monomers to produce maltose. The activity of A-Amy can be easily measured using a 
colorimetric assay which follows the reduction of 3,5-dinitrosalicylic acid by reducing groups 
released from the starch polysaccharide during digestion by A-Amy.40 Monitoring the activity of 
protein/nanoparticle conjugates can give some insight into the orientation of the protein on the 
particle surface. Enhanced activity suggests that the protein is oriented on the particle surface so 
that the active site of the enzyme is exposed to the solution, and unobstructed by other proteins 
on the surface. Decreased activity indicates restricted access to the active site due to positioning 
of the adsorbed protein, crowding on the particle surface, or denaturation.  
We only want to consider protein tightly bound to the particle surface in our activity 
discussion so the A-Amy/citrate AuNS conjugates were centrifuged after 30 min of incubation to 
remove any loosely bound protein. The amount of A-Amy still bound to citrate AuNSs after 
centrifugation was determined by measuring the concentration of A-Amy via BCA in solution 
before incubation with citrate AuNSs, and after removal of unbound A-Amy via centrifugation. 
The standard curve, and the BCA analysis of A-Amy solutions are shown in Figure 2.2, and 
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Table 2.3. When incubated at 500 A-Amy: 1 citrate AuNS, 29 ± 7 A-Amy remain bound per 
AuNS (0.03 A-Amy/nm2) after centrifugation. This is a decrease from the amount bound before 
centrifugation (~47 A-Amy/citrate AuNS as discussed above) indicating that centrifugation 
removes many of the bound proteins that make up the soft corona, leaving behind the hard 
corona. Note, that the number of A-Amy/citrate AuNS after centrifugation still exceeds 
monolayer coverage. 
The activity of A-Amy is evaluated by measuring the absorbance at 540 nm resulting 
from the reduction of 3,5-dinitrosalicylic acid by maltose released through enzymatic hydrolysis 
of starch. The activity of the A-Amy/citrate AuNS conjugates was compared to an equivalent 
concentration of unbound native A-Amy under the same buffer conditions, a citrate AuNSs 
control, and a buffer control. The citrate AuNSs do not show activity, nor does the buffer. The 
A-Amy/citrate AuNS conjugates were prepared with 4.4 nM AuNSs corresponding to 128 nM of 
A-Amy bound to the surface as determined above and confirmed by BCA, and this was matched 
in the unbound native A-Amy sample. Both solutions were centrifuged to remove interference 
from AuNSs which absorb at 540 nm, and the colorimetric assay was performed using the 
supernatants. The absorbance measured at 540 nm for unbound native A-Amy is 0.83 ± 0.05, and 
the absorbance of the A-Amy/citrate AuNS conjugates is 0.09 ± 0.01.   A-Amy/citrate AuNS 
conjugates show  11 ± 2 % of the activity shown by native unbound A-Amy, indicating that 
starch molecules have reduced access to the active sites of A-Amy adsorbed to citrate AuNSs.   
Protein Adsorption to PAH AuNSs.  
Adsorption of A-Amy, BLG, and BSA to PAH wrapped AuNSs is quite different from its 
citrate AuNSs counterpart. Figure 2.6 shows the shift in LSPR peak position, and hydrodynamic 
diameter with respect to protein concentration. A wider range of BLG and BSA concentrations 
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were tested in the UV-Vis experiments relative to the DLS experiments due to concerns that 
scattering from free protein at high protein concentrations skews the sizing measurements.43  
Very little protein binds to the PAH AuNSs at low concentrations. There is a negligible change 
in LSPR peak position and hydrodynamic diameter over the same concentration range where 
binding of BLG and BSA to citrate AuNSs occurs (0 - 400 nM BLG, 0 - 150 nM BSA). 
However, at higher protein concentrations (>1,000 nM BLG and >500 nM BSA) both the LSPR 
peak position and hydrodynamic diameter of PAH AuNSs begin to increase. The apparent lack 
of binding is surprising considering that the PAH AuNSs surface is covered in amine groups. 
Neither the LSPR peak position nor hydrodynamic diameter reach a plateau as increasing protein 
is added to PAH AuNSs, but rather they increase over the extensive range of protein 
concentrations tested. A-Amy exhibits similar behavior to BLG, and BSA with the key 
difference being that the concentration of A-Amy required to saturate citrate AuNSs is higher 
than the other two proteins. A-Amy adsorption to citrate AuNSs was monitored over 0-16,000 
nM, while A-Amy begins to bind to PAH AuNSs at ~2,000 nM. The most dramatic shifts occur 
in the case of A-Amy adsorption. At the final protein concentration tested (22,000 nM) the LSPR 
peak is red shifted by 24.7 nm, and the hydrodynamic diameter has increased dramatically to 






Figure 2.6: Adsorption of A) A-Amy, B) BLG, and C) BSA to 1 nM PAH AuNSs in 5 mM 
MOPS buffer. The black points represent adsorption as measured by plasmon shift, while the red 
points represent shift in hydrodynamic diameter. The solid lines serve to guide the eye. Error 




All three proteins systems form agglomerates when incubated with PAH AuNSs at high 
excess protein concentrations. The curves in Figure 2.6 show the change in LSPR peak position 
up to the point before visible agglomeration occurs. In other words, the next protein aliquot added 
to the system results in turbid agglomeration that can be seen with the naked eye as demonstrated 
by the photograph of a solution of BSA/PAH AuNS conjugates shown in the inset of Figure 2.7. 
The particles are sufficiently separated in solution to prevent AuNS aggregation despite the visible 
turbidity, and indeed the solution does not take on the purple-grey color indicative of AuNS 
aggregation. Over time the protein/AuNS conjugates settle to the bottom, and can be re-suspended 
by agitating the solution. The onset of the shifts in LSPR peak position and hydrodynamic diameter 
at high protein concentration could indicate the initiation of protein agglomeration rather than 
conventional protein adsorption to the PAH AuNSs, which would cause both the LSPR peak and 
measured hydrodynamic diameter to increase. TEM images of citrate and PAH AuNS protein 
conjugates are shown in Figure 2.7. While we are hesitant to draw too many conclusions about the 
solution state of the system from TEM images of dried samples, it does appear that the PAH AuNSs 





Figure 2.7: TEM micrographs depicting protein AuNS conjugates. Scale bars represent 500 nm. 
A) and B) show citrate and PAH AuNSs respectively incubated with 5,000 BSA per AuNS with 
insets showing photographs of solutions with 10,000 BSA per AuNS. C) and D) show citrate and 
PAH AuNSs incubated with 10,000 BLG per AuNS. E) and F) show citrate and PAH AuNSs 
incubated with 17,600 A-Amy per AuNS. 
 
2.5 Discussion 
Acid denaturation characteristics were used to select three proteins for this study, and the 
adsorption behavior for each was hypothesized based on the denaturation characteristics. Type II 
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proteins (BSA) are the most deformable, and therefore were predicted to have the most 
significant degree of denaturation upon adsorption, the highest binding constant to nanoparticle 
surfaces, and the lowest surface coverage (if deformability implies conformal coating of surfaces 
with concomitant spreading over the surface). Type I proteins (A-Amy) experience a moderate 
degree of denaturation, and were predicted to have lower binding constants than Type II proteins. 
Finally, Type III proteins (BLG) would be the most resistant to denaturation, and because of this 
would have the lowest binding constant and have the smallest footprint on nanoparticle surface 
of the three proteins.  (These predictions assume that protein-protein interactions are similar for 
all the proteins examined). 
These predictions are not in accord with the relative binding constants of these three 
proteins to gold nanoparticles, but they do hold for the degree of structural changes that occur 
upon protein adsorption to the AuNS surface. Based on their acid denaturation characteristics we 
predicted BLG (Type III) to have the lowest Ka, BSA (Type II) to have the highest Ka, and the 
Ka of A-Amy (Type I) was predicted to be in between the other two. Likewise, the secondary 
structure of BLG was predicted to be largely conserved, and BSA was predicted to have the most 
change in secondary structure. In the case of citrate AuNS, the Ka were BSA > BLG >> A-Amy, 
which does not align with their denaturation characteristics. However, while the secondary 
structure changes upon adsorption to citrate AuNSs are subtle, the changes are greatest for BSA 
> A-Amy > BLG, which follows our hypothesis. In the PAH AuNS case, all three proteins form 
agglomerates making it impossible to determine Ka. Changes in secondary structure upon 
interaction with PAH AuNSs are more substantial than the citrate AuNSs case, and again mirror 
our hypothesis with BSA > A-Amy > BLG. In the few instances where the deformability of the 
proteins is identified beforehand, the changes in secondary structure are consistent with our 
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findings.44-45 For example, Turci et al. examined adsorption of BSA and lactoperoxidase, which 
are easily deformed, and hen egg lysozyme and bovine pancreatic ribonuclease A which are 
resistant to deformation. Using FTIR, they found that the proteins known to be easily deformed 
experienced more changes in secondary structure upon adsorption to silica nanoparticles than the 
more rigid proteins. This is consistent with the trends seen in our CD data.    
While we do not want to speculate on the mechanistic details of the protein denaturation 
upon interaction with PAH AuNSs, the changes to the CD spectra of the three proteins do look 
similar to CD spectra of the same proteins denatured by acid. When BSA is denatured by acid, 
the ellipticity increases at 210 and 222 nm, which is observed in the case of PAH AuNSs 
corresponding to losses in α-helix content.46 Likewise, the CD spectra of acid denatured A-Amy, 
and A-Amy/PAH AuNS conjugates show increasing ellipticity at 222 nm.47 Finally, the CD 
spectrum of BLG/AuNS conjugates shows that the ellipticity of the minimum is increasing, and 
the position of the minimum is red shifting from 211 nm for the free protein to 214 nm. Figure 
2.4 shows that this trend continues as the concentration of PAH AuNS increases. During acid 
denaturation, a similar increase in ellipticity and red shift occurs in the CD spectrum of BLG.48 
Citrate AuNS  
Citrate AuNSs are ubiquitous in nanoscience as they are arguably the simplest gold 
nanostructure to synthesize, and BSA is frequently chosen as a model protein in biofouling and 
adsorption studies because it is an abundant and low-cost protein. Albumin is also a major 
component in plasma, and therefore of interest from a biomedical perspective. Adsorption of 
BSA onto citrate AuNSs has been reported extensively in the literature, motivating us to study 
this pairing as a point of comparison. Table 2.5 details the binding constants from just a handful 
of different studies using BSA and citrate AuNS (11-51 nm). The range of binding constants 
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reported in this small sampling of papers spans an incredible eight orders of magnitude covering 
103-1011 M-1, and highlighting the need for systematic evaluation of measurement methods, 
experimental conditions, and adsorption models. The size and shape of the AuNPs, and the ionic 
strength of the solution will affect the measured binding constant,49-50  but even in cases where 
the particle and solution systems are seemingly identical different measurement methods can 
yield dramatically different binding constants.51-52 We present the binding constants in this study 
with some degree of confidence because the findings rely on two complementary measurement 
methods, and the results from the two methods are in good agreement. However, placing these 
findings within the larger context of the field remains challenging. 
 
Table 2.5: Binding constants for BSA adsorption onto citrate AuNSs of different sizes measured 
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5.6 x 104 
Davidson et al. 
(2017)53 
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7.3 x 104 




pH adjusted to 6 
Fluorescence 1.8 x 109 
Iosin et al. 
(2011)55 
18 Unbuffered water Fluorescence 
2.3 x 
1011 
Iosin et al. 
(2009)52 
20 Unbuffered water Circular Dichroism 7.1 x 108 
Treuel et al. 
(2010)51 
39 




3.6 x 106 Cui et al. (2014)56 
40 
10 µM phosphate 
pH 7.4 
Fluorescence 2.3 x 109 
Chaudhary et al. 
(2014)57 
51 




3.9 x 103 
Dominguez-





While the acid denaturation characteristic is unhelpful in predicting binding constants, the 
isoelectric point of the proteins likely contributes to the substantially different binding constant 
of A-Amy relative to BSA and BLG on citrate AuNSs. The isoelectric point of the protein is an 
important property to consider in adsorption studies because electrostatics play a major role, and 
this has been exhibited with gold nanoparticles in addition to other nanomaterials.59-60 The 
isoelectric point of A-Amy is 7.5 (Table 2.1) meaning that A-Amy is close to neutral under these 
experimental conditions. In contrast BLG and BSA are both negatively charged. For flat surfaces 
as well as nanoparticles, the amount of protein adsorbed to a surface is maximized when the 
protein is neutral.50, 61 The repulsive forces between proteins are minimized allowing more 
protein/protein interactions to occur on the particle surface, and encouraging tighter protein 
packing and thicker corona formation. Our titration experiments show that the A-Amy 
conjugates have the largest increase in hydrodynamic diameter with an increase of 7.9 ± 1.4 nm, 
which corresponds to a much higher number of adsorbed proteins relative to predicted 
monolayer coverage. 
BLG and BSA have larger binding constants than A-Amy, and smaller overall changes in 
hydrodynamic diameter as well as LSPR peak position. Because both proteins are charged, this 
suggests that there are stronger electrostatic interactions with the AuNS surface, and more 
electrostatic repulsion between proteins on the surface, which limits the number of proteins that 
can be accommodated on the AuNS surface. Brewer et al. demonstrated that BSA binds to citrate 
capped gold surfaces via electrostatic interactions facilitated by positively charged lysine groups 
on the protein surface, rather than through displacement of citrate molecules by Au-thiol 
interactions via cystine groups.62 Modeling by Chaudry et al. that shows that BSA adsorbs to 
citrate AuNSs via the IIIA subdomain which contains 15 positively charged amino acids, which 
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supports the electrostatic mechanism put forth by Brewer.57 Chaudry also measured the CD 
spectra of BSA conjugates, and did not observe extensive conformational changes showing that 
the protein structure is largely preserved upon adsorption, which agrees with the spectra in 
Figure 2.3. BLG interactions with citrate AuNSs have not been studied as extensively as BSA, 
but BLG has been shown to adsorb to citrate AuNSs via electrostatic interactions when the pH is 
above the isoelectric point through positively charged amino acids.59, 63  BLG/citrate AuNS 
conjugates shows negligible changes in secondary structure suggesting that the protein structure 
is conserved on the surface of the AuNSs. 
The surface coverage, and conformational changes of BSA and BLG, can be explained to 
some degree by the deformability of the proteins. BSA (Type II) is more deformable than BLG 
(Type III). Being more deformable, BSA is more likely to spread out and conform to the AuNS 
surface, which could contribute to the sub monolayer coverage that we report. On the other hand, 
BLG is the least deformable and has the closest to monolayer coverage of the three proteins. CD 
shows that the rigidity of BLG is maintained on the AuNS surface which contrasts with BSA, 
which shows the most change (albeit a small change) on the AuNS surface.   
The activity of enzyme/nanoparticle conjugates can be used to speculate on the 
orientation of the protein on the nanoparticle surface,60, 64 and this has been done previously with 
A-Amy.36, 38 Other publications report that A-Amy induces agglomeration verging on 
aggregation of the citrate AuNSs,39 and that the activity of A-Amy can be increased up to 9 fold 
by adsorption to citrate AuNSs.38 Both of these results are contrary to our observations here, 
highlighting the influence of solution conditions, and procedural differences on nano/bio 
interaction outcomes. A-Amy has two free thiol groups positioned opposite the active site, so if 
A-Amy attaches to the AuNS surface via Au—S bonds the activity of the protein might be 
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retained or even enhanced due to preferential display of the active site to the solvent.36, 38 We 
find that the activity of the tightly bound A-Amy/citrate AuNS conjugates is only 11% of an 
equivalent quantity of unbound A-Amy, suggesting that the orientation of the protein on the 
AuNS surface, or local structure around the active site, is such that access to the active site is 
restricted. The implication of our results is that A-Amy is not primarily adsorbing to the AuNS 
surface through thiol interactions, but more likely through electrostatic interactions that do not 
orient the active site outward towards the solution. Protein crowding on the nanoparticle surface 
could also reduce activity, and is a possible factor here considering that we measure ~29 A-Amy 
per AuNS, exceeding estimated monolayer coverage. 
PAH AuNS  
A-Amy, BLG, and BSA all show increasing changes in secondary structure as the 
concentration of PAH AuNSs increases (Figure 2.4) indicating that the changes in secondary 
structure are not global, but are contributed by protein adsorbed to the particle. Loss of 
secondary structure is often associated with protein agglomeration.65-67 As proteins denature, the 
interior hydrophobic domains can be exposed which increases protein-protein hydrophobic 
interactions. The agglomeration of the proteins in the presence of PAH AuNSs is facilitated by 
the loss of protein secondary structure.  
Protein agglomeration in the presence of PAH AuNSs has been observed before in the 
case of α-synuclein (a presynaptic protein). Like the proteins here, α-synuclein adsorbs very 
differently to citrate and PAH AuNSs. In the case of citrate AuNSs, α-synuclein follows typical 
adsorption behavior where a tightly bound hard corona forms in addition to a labile soft corona.15 
Multilayer adsorption resulting in protein/particle agglomerates, and increases in the β-sheet 
content occur when α-synuclein is introduced into a solution of PAH AuNSs.16 The secondary 
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structure changes are the same over a range of different PAH AuNSs concentrations which 
suggests that both the adsorbed protein and free protein in solution are changing. Interestingly, 
the agglomeration effect cannot be explained exclusively by the positive charge of PAH AuNSs 
as α-synuclein does not agglomerate in the presence of other positively charged AuNSs.20     
Our group has previously reported on BSA adsorption to 20 nm PAH wrapped AuNSs. 
However, agglomeration was not observed in that case, and a binding constant was reported 
(1.71 x 1010 M-1) based on fluorescence measurements.49  Differences in experimental conditions 
and procedures could contribute to the difference in behavior such as differences in ionic 
strength (unbuffered water vs MOPS buffer), and also polyelectrolyte wrapping procedures.  The 
PAH AuNSs used in our previous work with BSA were wrapped in a single layer of 15,000 MW 
PAH, and excess polyelectrolyte was removed using one round of centrifugation followed by 
dialysis against unbuffered water. In contrast, the particles in this experiment were wrapped in 
three polyelectrolyte layers (17,500 MW PAH + 15,000 MW PAA + 17,500 MW PAH) followed 
by one round of centrifugation for purification after each layer added. Triple wrapped AuNSs 
were used in this work because we found them to be more stable against aggregation in buffer 
compared to single wrapped AuNSs. Different cleaning procedures could result in different 
amounts unbound PAH in solution facilitating agglomeration,68-69 or the agglomeration could 
occur because the surface of the triple wrapped AuNSs differs from single wrapped AuNSs with 
nomially the same outer layer of polyelectrolyte. Little is known about the orientation, 
conformation, and spatial distribution of polyelectrolytes on the AuNS surface, and is probably is 
more heterogenous than often pictured. Again, it is clear that interactions between proteins and 




Implications of Protein Deformability 
It is important to consider how protein deformability might be playing a role within the 
broader field of protein corona formation, and applications. The interaction of nanoparticles with 
the components of blood has garnered great attention as nanotechnology for biomedical 
applications advances. The composition of the protein corona after incubating AuNPs with 
plasma, serum, and whole blood have been studied, and the most abundant proteins in the protein 
corona include albumin, apolipoprotein, immunoglobulins, and fibrinogen.9, 70-72 Interestingly, 
albumin, immunoglobulins, and fibrinogen can all be classified as Type II proteins, meaning that 
they fall into the “deformable” category.24, 73  On top of considerations such as natural abundance 
and isoelectric point to predict protein corona composition (all four proteins here are negatively 
charged at physiological pH), protein deformability may provide another parameter in dictating 
the composition and structure of the protein corona. Type II proteins have relatively larger 
footprints on the AuNP surface because of their deformability, which effects both binding 
strengths and the conformation of the protein, and could contribute to the composition of the 
protein corona, and the fate of the nanoparticle within a large biological system.  We therefore 
posit that protein deformability should be considered as a factor when predicting adsorption 
outcomes onto nanoscale curved surfaces.         
 
2.6 Conclusions  
The acid denaturation characteristic of a protein alone is not indicative of its relative 
binding strength to AuNSs but may be used to compare the degree of denaturation that can be 
expected upon adsorption between the different classes of acid denaturation behavior. Type II 
proteins like BSA are the most deformable and are predicted to experience the most change in 
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conformation upon adsorption to the AuNS surface, while also having the lowest surface 
coverage due to the protein spreading on the surface. Type III proteins like BLG are the least 
deformable, would be expected to maintain their structure on the AuNS surface, and would have 
the lowest binding constant as a result. Type I proteins like A-Amy are moderately deformable, 
and should exhibit intermediate behavior relative to Types II and III.   
The adsorption behavior was dramatically different for citrate and PAH AuNSs. 
Adsorption to citrate AuNSs can be modeled and binding constants can be extracted, but 
adsorption to PAH AuNSs results in protein/AuNS agglomeration. Binding constants determined 
using complementary methods are in good agreement for all three protein systems with BSA 
having the highest binding constant followed by BLG, and A-Amy respectively. The binding 
constant of A-Amy is an order of magnitude less than the other two protein systems because A-
Amy is nearly neutral under the experimental conditions. CD spectra show that the secondary 
structure of all three proteins is largely conserved upon adsorption to citrate AuNSs, but BLG 
showed the least amount of denaturation, and BSA showed the most, which is in line 
expectations based on their acid denaturation classifications.  
Secondary structure is changed substantially by adsorption to PAH AuNSs, but again the 
acid denaturation classifications hold with BLG changing the least, and BSA changing the most. 
The substantial changes to secondary structure facilitates protein agglomeration in the presence 
of PAH AuNSs due to increased hydrophobic protein interactions. The details of the 
polyelectrolyte wrapping procedure are important, which is evident when comparing this study 
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CHAPTER 3: INTRODUCTION TO POLYAMIDE MEMBRANE MATERIALS  
 
3.1 Abstract 
 Thin film composite membranes utilize cross-linked polyamide thin films as 
semipermeable barriers in reverse osmosis and nanofiltration processes. The polyamide active 
layer is synthesized on the surface of a polysulfone support membrane by interfacial 
polymerization of aqueous m-phenylenediamine and trimesoyl chloride dissolved in hexane 
resulting in a complicated heterogenous thin film. Membrane performance depends on the 
structure and chemistry of the active layer, which has prompted decades of research into the 
physicochemical properties. Because the film is thin (100 – 200 nm) and attached to the 
underlying support layer, characterization is challenging. Membrane charge is heterogenous due 
to unreacted amine and carboxylic acid groups on opposite sides of the material. Electron 
microscopy shows that in proximity to the support, the polyamide film is relatively thin and 
dense, but at the surface the film is characteristically rough due to a ridge and valley structure 
created by leafy protuberances extending outward. 
The purpose of this introductory chapter is to give an overview of the formation, 
physicochemical properties, and techniques used to study conventional thin film composite 
membranes to provide context for my efforts to synthesize and characterize free-standing 
polyamide films and measure their mechanical and thermal properties.  
  
3.2 Synthesis of Thin Film Composite Polyamide Membranes 
 Reverse osmosis and nanofiltration are used on industrial scales for desalinating water 
and removing small dissolved organic species from water respectively. Both processes require a 
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semipermeable membrane material that allows water molecules to pass while providing a barrier 
against passage of target ionic or molecular species. Polyamide thin film composite (TFC) 
membranes are the gold standard material for reverse osmosis and nanofiltration.1 Rising 
concerns about global fresh water supplies, and a push towards more environmentally conscious 
industrial practices is driving further development of separation technologies particularly with an 
interest in improving the energy efficiency of the processes.2 Separations are energy intensive.3 
At the industrial scale, emphasis on membrane module design can help improve efficiency.4 
However, from a materials science perspective, membrane performance is governed by the 
chemical and physical properties of the polyamide film. The field as a whole benefits from 
efforts to better understand polyamide films at the molecular level.  
Conventional TFC membranes are multilayered structures consisting of ~100 µm of 
woven polyester backing, an intermediate ~50 µm polysulfone (PS) or polyethersulfone (PES) 
microporous ultrafiltration membrane, and a top layer consisting of ~100 – 200 nm of fully 
aromatic three-dimensionally cross-linked polyamide. The polyester backing and ultrafiltration 
membranes provide physical support, while the polyamide is the active layer that performs the 
separation. Polyamide active layers are formed on the polysulfone support by interfacial 
polymerization as illustrated in Figure 3.1. A microporous support membrane is soaked in 
aqueous m-phenylenediamine (MPD) which permeates into the pore structure of the support. 
Then the surface of the support is submerged in a solution of trimesoyl chloride (TMC) dissolved 
in hexane. MPD is soluble in hexane while TMC is insoluble in water so MPD diffuses across 
the interface into the organic phase. Primary amine groups from MPD react with the acid 
chloride groups contributed by TMC to form amide bonds and HCl.5 The resulting polymer film 




   
Figure 3.1: Synthesis of thin film composite polyamide membranes by interfacial polymerization 
(not to scale).   
 
 Freger identified three stages that govern the kinetics of film growth via interfacial 
polymerization.6 The first stage is incipient film formation followed by a slow-down period 
where the rate of polymer formation decreases as the polymer accumulates in the reaction zone, 
and the growth terminates in a diffusion-limited period where the reaction is slowed substantially 
by the film formed in the preceding steps.6 The resulting film has a dense core surrounded by 
looser polymer.7 Hindered monomer transport in the diffusion-limited growth phase self-limits 
film thickness. Diffuse reflectance spectroscopy measurements demonstrate that approximately 
50% of the film thickness is produced in <2 seconds.8 However, the film continues to densify 
even up to 20 minutes after the reaction initiated as the reactants continue to diffuse albeit slowly 
through the core of the film filling in void spaces.8-11   
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 The physicochemical properties of the polyamide active layer are dictated by the reaction 
conditions including the concentrations of the monomers, use of chemical additives, and the 
solvent system. However, the direct effects of these parameters and the mechanisms that 
determine film growth, water passage, and rejection are often difficult to establish.  Increasing 
the concentration of MPD relative to TMC has been shown to increase film thickness, lower 
water flux, and increase salt rejection.8-9, 12-13 Reports conflict as to the effect of TMC 
concentration on film properties. Matthews et al. report that TMC concentration has little effect 
on the thickness of the polyamide film while Roh et al. report that increasing TMC 
concentrations causes the thickness to increase.8, 14 Khane et al. report that the amount of 
branching relative to cross-linking is tied to TMC concentration,11 and this is supported by ATR-
FTIR studies examining the concentration of acid groups in the film.15-16 Additives to the 
monomer solution like sodium hydroxide and triethylamine can scavenge the protons produced 
by amide bond formation to drive the reaction forward, while camphor sulfonic acid and 
hydrophilic macromolecules promote adsorption of the aqueous solution to the support.1, 17-19 
The solvent system is another important parameter because it will determine the partitioning and 
diffusivity of the monomers in the reaction zone. Addition of dimethyl sulfoxide to the aqueous 
solution changes the roughness of the film and distribution of pores in the polymer network, 
which improves water flux by promoting miscibility of the organic and aqueous phases.20 The 
organic solvent can be changed. The density, surface tension, and viscosity of the organic solvent 
influences the partitioning of MPD into the organic phase, which can change the properties of the 





3.3 Physicochemical Properties of Thin Film Composite Polyamide Membranes 
 Reverse osmosis separations can be described by the solution diffusion model in which 
water molecules partition into the active layer and diffuse through the film through the spaces in 
between the polymer chains making up the cross-linked network. Passage depends on the 
chemistry of the film as well as the structure.22-23 Considerable effort has been put forth to 
characterize active layer physicochemical properties in order to better understand the 
mechanisms behind water passage and salt rejection.  
 Any unreacted monomer functional groups resulting from incomplete cross-linking 
contribute charge to the membrane. Interfacial polymerization produces polyamide active layers 
that are chemically asymmetric where the hexane facing surface is rich in carboxylic acid 
groups, and the aqueous facing surface is rich in amine groups.24 The charges impart some 
hydrophilicity to the structure, which is important for water passage, and quantification of the 
charges with respect to pH is important for understanding transport mechanisms and ion 
interactions.25 Contact angle titrations,24, 26 and streaming potential analysis27-28 confirm that that 
the hexane facing surface is carboxyl rich with protonation depending on the pH of the feed 
solution. Heavy ion probes (Ag+ for R-COO- and WO4
2- for R-NH3
+) are particularly useful for 
elucidating membrane net charge, concentrations of functional groups, the isoelectric point, and 
pKa values by x-ray photoelectron spectroscopy (XPS) and Rutherford backscattering 
spectrometry (RBS).25, 29-30 For example, Coronell et al. examined the charge of a commercial 
RO membrane (FT30) with respect to pH by RBS and found that the pKa of the amine groups is 
described by a single value (pKa = 4.74), but the carboxylic acid groups have two pKa values 
(pKa = 5.23 and 8.97). Additionally, the concentration of the functional groups was determined 
(R-OO- = 0.432 M and R-NH3
+ = 0.036 M).25 The charge distribution in the film is expected to 
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be heterogenous through the cross-section of the film due to lower cross-linking density at the 
surface relative to the interior. Pairing XPS and RBS in heavy ion probe studies shows that the 
degree of cross-linking is in fact smaller at the surface compared to the full volume of the film in 
some but not all commercial membranes.31 For example, the degree of cross-linking at the 
surface of LF10 RO membranes designed for brackish water desalination is 85% versus 95% in 
the bulk whereas the cross-linking in a different brackish water rated membrane, ESPA5 RO, is 
94.1 ± 0.1% at the surface and 94.9 ± 0.3 in the bulk. Presently it is unclear whether there is a 
charge gradient in the film, or distinct layers with different charges.  
Film morphology also influences membrane performance through parameters like 
thickness, roughness, surface area, pore size, and the number of pores. TFC membranes have 
rough surfaces in keeping with the idea that the polyamide film has a dense core and looser 
polymer at the surface.6 Figure 3.2 shows scanning electron microscopy (SEM), transmission 
electron microscopy (TEM), and atomic force microscopy (AFM) images of the membrane 
surfaces, cross-section, and 3D spatial representation of void spaces in the film.32 While the 
degree of roughness varies based on reaction conditions,33 the hexane facing surface of TFC 
membranes typically exhibits a ridge and valley structure with characteristic leafy protrusions 
extending outward from the surface (Figure 3.2.A). Protrusion outward from the surface towards 
the organic phase is additional evidence that the interfacial polymerization reaction occurs in the 
organic phase. The TEM image of the cross-section in Figure 3.2.B is quite informative because 
it highlights the asymmetric structure of the entire film, and the vast surface area of the loose top 
layer of the film. The core of the film is thin and compact (~15 – 40 nm) relative to the leafy 
structure on top (~200 nm) and coats the polysulfone support conformally. Careful dissolution of 
the polysulfone exposes the aqueous surface (Figure 3.2.C) that has small nodules making the 
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RMS roughness ~20 nm, which is greater than the RMS roughness of the support (~6 nm). The 
nodules are interpreted to be aggregates. There are also pores on the backside that do not appear 
to span the full thickness of the thick base thought to form during incipient film growth that are 
roughly the same size of the nodules.34 TEM tomography can provide insight into 3D film 
structure.35-36 TEM images encompass the entire thickness of the polyamide layer so the 3D 
internal structure can be reconstructed by collecting images at different angles around a central 
axis parallel to the xy plane (Figure 3.2.D). Tomography revealed that the protuberances in the 
loose membrane structure are hollow,36 and that there are void structures distributed throughout 
the film that are encapsulated so that they do not connect to either side of the film. The voids 
closer to the aqueous surface are smaller (<30 nm), and the voids are larger towards the hexane 







Figure 3.2: Images of commercial TFC membranes of A) the hexane facing surface by SEM, B) 
the cross-section by TEM, C) the aqueous facing surface by AFM and SEM, and D) 3D 
representation of the spatial distribution of voids within the interior of the film. Adapted and 
reprinted from ref  32 with permission from Elsevir.32  
 
Some postulate that the protuberances contributing to the roughness can partially be 
explained in the context of the support material. During interfacial polymerization on a support 
membrane the aqueous MPD solution comes out of the pores of the support where it contacts 
TMC initiating polymerization before diffusing laterally across the support creating ridges and 
valleys.37 However, some degree of roughness on a smaller length scale is an intrinsic feature of 
interfacially polymerized polyamide materials. During incipient film formation MPD diffuses 
across the interface into the organic layer, and reacts with TMC forming small oligomers, which 
grow additively as more monomers are driven into the reaction volume by a concentration 
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gradient, and through cluster aggregation. Khare et al. posit that initial monomer concentration 
and the ratio between the two monomers are key factors in the composition of the initial 
oligomers formed.11  When monomer flux is low the number density of early stage oligomers is 
relatively low meaning that growth in the early stage of film formation is driven by branching 
additive growth as monomers react with pendant groups on the surface of the oligomers. In high 
flux cases the number density of oligomers is larger than the low flux case which in turn favors 
aggregation of clusters over branching. Positron annihilation lifetime spectroscopy shows 
branching and aggregation processes also produce a bimodal pore distribution with branching 
producing smaller network pores (4.2 – 4.8 Å) and aggregation producing larger pores            
(7.0 – 9.0 Å).20 Recent molecular dynamics simulations of unsupported polyamide film 
formation at the liquid/liquid interface indicate that the aggregation of polyamide clusters during 
film formation contributes to the roughness of the film.38 Freger also postulates that the intrinsic 
roughness of the film is tied to the aggregate structure of the incipient film which gets buried to 
some extent during growth, but is still influences the final film.  
 Film thickness can be challenging to measure due to the asymmetric structure, and 
heterogenous surface. There are a couple of different ways one can define thickness. It can be 
taken as the thickness of the dense polymer layer at the base, the combined thickness of the 
dense and loose layers, and the thickness of the film making up the hollow protrusions at the 
surface. Cross-sectional electron microscopy gives the most complete picture of all three 
components simultaneously.32, 37, 39-40 However sample preparation and image analysis are time 
consuming, low throughput, and relatively small areas of sample are analyzed (µm scale). All 
other methods of thickness determination describe the combined thickness of the dense and loose 
structures. Isolating the active layer from the support membrane and transferring the layer to a 
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hard flat substrate like a silicon wafer enables thickness measurement by AFM.41-42 Scratching 
the polymer film exposes the underlying substrate, and the thickness is determined by imaging 
the step height from the top of the film to the substrate. Film isolation is challenging, but 
necessary for analysis, and like electron microscopy small sample areas are analyzed. RBS and 
quartz crystal microbalance (QCM) give the areal mass of the film which can be converted to 
thickness if the density is known.8, 42-43 RBS spectra are rich with information about the 
elemental composition, thickness, and roughness of the film from a large sample area (cm scale) 
with good reproducibility (see Chapter 4.5 for a more detailed discussion of RBS analysis of 
membrane materials). QCM analysis requires the active layer to be removed from the support 
membrane, but can be used in flow configurations to measure water uptake and charge.44-45 
These approaches can be used to determine film thickness, but both rely on assumed film 
density. Finally, commercial TFC membranes are usually considered too rough for analysis by 
spectroscopic techniques like ellipsometry, but Lin et al. report that when the polarization of the 
incident light is optimized accurate thickness measurements can be obtained by ellipsometry for 
isolated active layers over a reasonably large area (~0.3 cm2).42 
 
3.4 Conclusions 
 Thin film composite membranes are important technology for water purification. The 
polyamide active layer used in the separation is synthesized by interfacial polymerization of 
MPD and TMC on a pulysulfone support membrane, and the properties of the material are 
dictated by the reaction conditions. The film is thought to be denser at the interior with a loose 
polymer structure formed on top which reflects the multi-stage growth process where the 
incipient film densifies up to a point where monomer diffusion is limited. Unreacted functional 
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groups on the monomers contribute amine groups and carboxylic acid groups whose charge 
states are sensitive to the pH of the feed solution, and aid in water passage. Charge distribution is 
thought to be asymmetric throughout the film although the precise distribution throughout the 
thickness of the material is not currently known.  
The polyamide layer is complex, and difficult to study. The nanoscale thickness of the 
film relative to the micron scale thickness of the polysulfone support means that many 
measurement techniques require the active layer to be isolated from the support layer or else the 
measurement will be dominated by signals from the support. However, the active layer can only 
be isolated by chemical dissolution of the polysulfone support, and the free layer is fragile and 
difficult to handle.  
The following chapters discuss my efforts to synthesize and characterize free-standing 
polyamide films which allowed me to use time-domain thermoreflectance (TDTR) to study the 
mechanical and thermal transport properties of the material. TDTR is a pump-probe laser 
technique that would have been impossible to use with conventional TFC membranes because of 
the roughness of the polyamide film and interference from the support. Free-standing polyamide 
films can be synthesized using a sacrificial support material, or directly at the liquid/liquid 
interface and then transferred any support material for further analysis. At low monomer 
concentrations these films are smooth and thin which enables the use of techniques that have 
never been used to study polyamide active layers before, like TDTR. The effects of monomer 
concentration on the surface morphology, thickness, density, longitudinal speed of sound, 
longitudinal elastic constant, and thermal transport properties of free-standing polyamide films 
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CHAPTER 4: SYNTHESIS OF FREE-STANDING POLYAMIDE FILMS 
 
4.1 Abstract 
 Characterization of the polyamide active layer of thin film composite (TFC) membranes 
is challenging because the polyamide layer is considerably thinner than the support membrane 
that the active layer is bonded to. Issues relating to the support membrane can be avoided by 
synthesizing free-standing polyamide films. Different synthetic approaches were tested to 
prepare free-standing polyamide films via interfacial polymerization between aqueous m-
phenylenediamine (MPD), a para substituted dendrimer analogue (pG1) of MPD, or piperazine 
(Pip) and trimesoyl chloride (TMC) in hexane. Sacrificial supports including Cd(OH)2 
nanostrands, poly(ethylene glycol) diacrylate hydrogels, and calcium alginate hydrogels were 
tested as platforms for polyamide film synthesis. Ultimately, quality free-standing films can be 
synthesized directly at the liquid/liquid interface without any support material, and this approach 
is preferable.  
 Free-standing MPD/TMC, pG1/TMC, and Pip/TMC films were prepared with increasing 
monomer concentrations to evaluate the effect on thickness, and roughness. In all cases the 
thickness and roughness increase with increasing monomer concentration. MPD/TMC films 
demonstrate self-limiting growth producing smooth films ~9 – 15 nm thick up to a point where 
the film becomes so rough that thickness and roughness approach ~75 nm. Conventional TFC 
membranes have a leafy crumpled surface, but the features on free-standing MPD/TMC are more 
sparse and nodular. The pG1 dendrimer is not readily soluble in water so NMP is included as a 
cosolvent. Even so, surface contamination by unreacted dendrimer is a major issue restricting the 
range of concentrations that produce reasonably clean films to 0.05 – 0.1 wt% pG1. The pG1 
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films are a bit smoother than the MPD/TMC films, and are approximately the same thickness at 
similar monomer concentrations. Pip/TMC films synthesized via support-free interfacial 
polymerization grow to be ~130 nm thick before the thickness becomes self-limiting due to large 
holes on the aqueous surface of the film. Like the MPD/TMC system, the roughness of Pip/TMC 
films increases with increasing monomer concentration.  
 A quartz crystal microbalance (QCM) was used to measure the areal mass of MPD/TMC 
films, and water sorption. The areal mass of dried films increases with monomer concentration 
from 0.8 – 2.1 µg cm-2 which is ~10% of the mass of a conventional TFC active layer. The 
density of the free-standing films also increases from 0.91 – 1.32 g cm-3 in reasonably good 
agreement with reported values. Mass change with respect to relative humidity was monitored by 
QCM, and found to be on average ~11% of the mass of the film with less dense films sorbing 
more water by mass percent than denser films.  
  A method to measure the areal mass of free-standing polyamide films by Rutherford 
backscattering spectrometry is in development. RBS is useful for analyzing the composition, 
areal mass, and charge of conventional TFC membranes, but the free-standing films are too thin 
to produce adequate RBS signal. Placing the polyamide film between two sputter coated Pt 
layers adds stopping power to the sample which broadens the Pt peak and should be useful in 
determining the areal mass of the polyamide film. However, this approach overestimates the 
areal mass of polyamide likely as a result of contamination by hydrocarbons adsorbed from the 
ambient air. Accounting for the ambient carbon background brings the areal mass by RBS in 






 Commercial thin film composite (TFC) polyamide membranes consist of a dense ~100-
200 nm polyamide active layer formed via interfacial polymerization on to the surface of a ~50 
µm polysulfone support membrane with ~100 µm polyester backing fabric for added structural 
support. The polyamide active layer provides the semipermeable barrier required for reverse 
osmosis and nanofiltration applications but makes up less than one percent of the total thickness 
of the composite membrane material. This creates challenges in characterizing the active layer, 
studying the details of hydration, charge distribution, and ion mobility in the polyamide because 
signal from many analytical techniques is dominated by the support.1 Isolating the polyamide 
layer is an arduous process in which the polyester support is peeled away from the polysulfone, 
after which the polysulfone support is dissolved away by many gentle rinses with 
dimethylformamide (DMF).2-3 The free polyamide layer is delicate further complicating transfer 
to substrates for analysis (specially designed cells have been used to facilitate the process4), and 
great lengths have been taken to validate that polysulfone removal via DMF does not change the 
chemical or physical properties of the polyamide.3, 5-6 As a result, there is significant interest in 
synthesizing free-standing polyamide membrane materials to better understand the properties of 
polyamide active layers without interference from the polysulfone support, and to improve 
membrane performance. 
 The physicochemical properties and the performance of TFC membranes are affected by 
the identity and the properties of the support membrane. On the macroscale, the support 
membrane influences TFC membrane performance by preventing compaction when the system is 
pressurized during operation.7-8 On the microscale and nanoscale, the properties of the support 
membrane (type of material, pore size, hydrophobicity etc.) influence the interfacial 
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polymerization reaction.9-11 For example, decreasing the hydrophobicity of the polysulfone 
support by introducing polar functional groups reduces the permeance of the TFC membrane 
produced because more of the polyamide polymerization occurs in the pores of the support than 
on the surface of the support.12 Improving TFC membrane performance by changing the support 
membrane involves balancing the  complex effects that the support can have on the interfacial 
polymerization reaction with improving the properties of the support membrane itself.  
An avenue to eliminate complications from the support membrane in characterization 
measurements as well as in efforts to improve membrane performance is to decouple the 
synthesis of the polyamide active layer from the support membrane. Free-standing polyamide 
thin films can be synthesized using either a sacrificial support material, or in a support-free 
approach directly at the interface between two bulk solutions.13-17 These films can be transferred 
to a support membrane to create TFC membrane, or any substrate necessary to facilitate analysis 
that would otherwise be impossible due to interference from the support. The latter is the driving 
interest behind this thesis work. The morphology and thickness of free-standing polyamide films 
can be controlled by adjusting the monomer concentrations.13-15 Films on the order of ~10 nm 
thick with RMS roughness <1 nm are formed, which contrasts conventional TFC membranes 
characterized by rough heterogenous morphology. Sacrificial support materials and support-free 
approaches methods will be discussed in this chapter, but ultimately the ease and reproducibility 
of the support-free approach is preferable. A systematic evaluation of the effect of monomer 
concentration on the thickness and roughness of support-free MPD/TMC, pG1/TMC, and 
Pip/TMC films is presented. The areal mass of MPD/TMC films with respect to monomer 
concentration was measured by quartz crystal microbalance (QCM) and Rutherford 
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backscattering spectrometry (RBS) with mixed success. Water sorption by MPD/TMC films as 
measured by QCM is presented as well. 
 
4.3 Methods 
M-phenylenediamine (MPD) flakes (99%), trimesyol chloride (TMC, 98%), piperazine 
(Pip, 99%), Mn 575 Poly(ethylene glycol) diacrylate (PEG-DA), 2,2-dimethoxy-2-
phenylacetopheone (99%, DMPA), anhydrous N-methyl-2-pyrrolidone (NMP, 99.5%), cadmium 
chloride (99.99%), calcium chloride (93%), lithium chloride (99%), sodium chloride (ACS 
grade), sodium hydroxide (>97%), ethanolamine (ETA, >99.0%), alginic acid sodium salt, 
ethylendiaminetetraccetic acid (EDTA, 99.4%), sodium citrate dihydrate (99%), N,N-
dimethylformamide (DMF, HPLC grade), and HCl (37%) were purchased from Sigma. Methanol 
(HPLC grade), Hexane (99.9%), and dimethyl sulfoxide (DMSO, 99.7%) were purchased from 
Fisher Chemical. Slygard 184 polydimethylsiloxane (PDMS) was purchased from Dow Corning. 
MPD is stored in the refrigerator. TMC is stored in the desiccator. MPD solution are prepared in 
nanopure water. TMC solutions should be prepared in hexane stored over molecular sieves. 
Molecular were sieves activated by microwaving the sieves for 5 min and allowing the sieves to 
cool for 3 min. This was repeated three times followed by 2 hours of vacuum desiccation.  The 
monomer solutions are prepared in glass vials on the same day as the film is prepared. Synthesis 
of pG1 dendrimers was performed by Anna Yang using methods developed by Washio et al.18  
A home-built chamber was used to UV treat substrates prior to film transfer to increase 
the hydrophilicity of the substrate surface. The chamber consists of a glass bell jar with a port 
that can accommodate a UV pencil lamp (Spectroline 11SC-1, 254 nm). Substrates are placed on 
an upturned glass vial fixed to the bottom of a glass dish (9 cm diameter) with double stick tape. 
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Approximately 10 mL of water is poured into the dish to raise the relative humidity. The bell jar 
is placed in the dish over the substrate, and then the UV treatment runs for ~15 min. The 
apparatus is shown schematically in Figure 4.1. 
 
 
Figure 4.1: UV surface treatment apparatus to decrease the hydrophobicity of substrates. 
 
Scanning Electron Microscopy 
 Film morphology was imaged using scanning electron microscopy (SEM). TFC 
membranes, and free-standing polyamide films on Si substrates were adhered to Al stubs for 
imaging. Polymers are insulating so the samples were prepared for SEM imaging by sputter 
coating with ~5 – 10 nm 60% Au and 40% Pd to prevent charging. Images were collected using a 
JEOL JSM-6060LV SEM at 30 kV acceleration voltage and 8 mm working distance.  
Atomic Force Microscopy 
Atomic force microscopy (AFM) was used to examine film morphology and thickness. 
AFM imaging was performed on an Asylum Research MFP-3D AFM in tapping mode using 
tapping mode AFM probes with a reflective Al coating. All image processing was done using the 
program, Gwyddion. To correct shifting in the fast scanning axis, a 0th or 1st degree polynomial fit 
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was applied to the AFM images shown in this work to align the rows of the image. In this approach 
a polynomial is fit to each line and subtracted from the heights at each point in the line. For a 0 
degree polynomial the mean value is subtracted from each row, and for a 1 degree polynomial the 
slope is subtracted from each row. This processing gives better alignment from row to row 
resulting a clearer image. The root mean squared (RMS) roughness of the films was determined 
from four different 20 µm X 20 µm scans, and is defined as follows 




𝑛=1                                              (4.1) 
where ?̅? is the mean value of the surface height and N is the number of points in the sample area.   
Thicknesses were determined using unprocessed AFM images to prevent losing height data 
to background subtractions. To measure the thickness of free-standing films, the films were 
scratched in four or five places with a needle prior to imaging to expose the underlying silicon 
wafer.2, 13-14 Images were collected such that approximately two thirds of the image area consists 
of the film, and the other one third of the image is silicon wafer. The step height of the film is 
taken to be the thickness as shown in Figure 4.2. Thicknesses of MPD/TMC films were determined 





Figure 4.2: AFM height profile of a free-standing polyamide film on a silicon wafer to determine 
film thickness.  
 
Transmission Electron Microscopy 
 Cd(OH)2 nanostrands were images using transmission electron microscopy. Samples 
were drop cast on copper TEM grids coated in holey carbon and imaged using a JEOL 2100 
Cryo TEM at an accelerating voltage of 200 keV. 
Ellipsometry 
Film thickness was measured by spectroscopic ellipsometry on a J.A. Woollam VASE 
instrument. Spectra were collected from 300-1000 nm at intervals of 10 nm at 50°, 60º, and 70º. 
The ellipsometry data was modeled as follows: 
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Layer 1: Si: 1 mm (substrate) 
Layer 2: SiO2: 1.369 ± 0.205 nm 
Layer 3: Cauchy: A = 1.53, B = 0.031, thickness = free parameter 
The thickness of Layer 3 corresponds to the thickness of the polyamide film, and this is the 
parameter adjusted by the model to minimize the mean squared error. Values for the A and B 
parameters in the Cauchy model were taken from Karan et al.13  
Attenuated Total Reflectance FTIR 
FTIR spectra of polymeric materials were measured using a Thermo Nicolet Nexus 870 
FTIR with an attenuated total reflectance (ATR) attachment. Hydrogels were transferred to glass 
slides and dried in air for several days prior to measurement. Free-standing polyamide films were 
transferred to silicon wafers or glass slides and left to dry in air prior to measurement. 
Quartz Crystal Microbalance 
 The areal mass of free-standing films was measured by quartz crystal microbalance 
(QCM). Chrome/gold 5 MHz sensors and a Model QCM200 from Standford Research Systems 
were used. Prior to use the hydrophilicity of the surface of the QCM sensor was increased by UV 
treatment. The frequency of the hydrophilic sensor was recorded. Free-standing polyamide films 
were floated onto the sensor, and the sensor was dried for ~20 min at 105 ºC in an oven. The dry 
mass of the free-freestanding film was determined by measuring the frequency of the coated sensor 
after drying the sensor for two minutes at 200 °C on a hot plate. Frequency shift (Δf Hz) is 
converted to areal mass using the following equation  
∆𝑚 = −
∆𝑓
56.6 𝐻𝑧 𝜇𝑔−1 𝑐𝑚−2
                                                 (4.2) 
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where Δm is areal mass in µg cm-2, and 56.6 Hz µg-1 cm -2 is the sensitivity factor of a 5 MHz 
quartz crystal. Reported areal masses are the average of three replicate samples, and the reported 
error is the standard deviation.   
Water uptake was determined by first drying the sample on a hot plate at 200 °C for 2 min 
to establish the dry mass, and then transferring the dry sample to a sandwich size Ziplock bag with 
a small beaker containing 5 mL of either pure water, saturated NaCl, saturated CaCl2, or saturated 
LiCl solutions corresponding to 100 %, 75 %, 40 %, and 15 % relative humidity respectively.19 
Samples were left to incubate for 24 hours, and then the frequency was recorded to determine the 
increase in mass due to water uptake.  
 Rutherford Backscattering Spectrometry  
 Areal mass was determined using Rutherford backscattering spectrometry (RBS), which is 
an ion beam analytical technique. A 2.24 MeV He+ ion beam is produced by a National 
Electrostatics Corporation Pelletron ion beam accelerator, which is directed at the sample at an 
entrance angle of 22.5 °, and an exit angle of 55.5 ° giving a backscattering angle of 150.0 °.  Free-
standing polyamide films are too thin to be analyzed by RBS. Instead, the free-standing film was 
transferred on to ~20 nm of Pt sputter coated on a silicon wafer, and then an additional ~20 nm of 
Pt was coated on to the polyamide film giving the sample geometry, Pt/polyamide/Pt/Si. The 
additional stopping power contributed by the polyamide layer broadens the Pt peak, and the total 
area under the Pt peak corresponds to areal mass of both Pt layers and the polyamide between 
them. Spectra were modeled using SIMNRA.20-21 
Free-Standing Polyamide Films via Cd(OH)2 Nanostrands Sacrificial Supports  
This method for synthesizing support free polyamide thin films using a sacrificial layer of 
Cd(OH)2 is adapted from Karan et al.
13 A solution of Cd(OH)2 is prepared by combining 50 mL 
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of 4 mM CdCl2 and 50 mL 0.4 mM ethanolamine (ETA) and vigorously stirring for 15 minutes. 
While the solution is stirring, the polysulfone support membrane (PS-35 from Nanostone) is 
mounted onto the vacuum filter frit and clamped into place. Approximately 15 – 20 mL of 
methanol is vacuum filtered through the support membrane followed by approximately 5 mL of 
water to wash off the membrane surface. The Cd(OH)2 nanostrand solution is filtered through the 
support membrane depositing nanostrands on the surface. Next 25 mL of aqueous MPD with 
concentrations varying between 0.1 and 1.0 wt% is vacuum filtered through the membrane 
impregnating the nanostrand layer with MPD. After the MPD solution is passed through 25 mL 
of 0.005 to 0.05 wt% TMC in hexane was poured on the surface of the Cd(OH)2 layer, and the 
interfacial reaction proceeds for 2 minutes. From this point forward house vacuum is not 
sufficient to pull solutions through the membrane, and the organic solution must be removed 
from the membrane surface using a Pasteur pipette. The resulting polyamide film is then rinsed 
with ~10 mL of water, and the film is stored in 10 mM HCl overnight to dissolve the Cd(OH)2 
nanostrand layer releasing the (PA) active layer. The polyamide film floats on the surface of the 
acidic solution, and can be floated onto other substrates. 
Free-Standing Polyamide Films via Poly(ethylene glycol) Hydrogels Sacrificial Supports 
Photoinitiated polymerization was used to synthesized poly(ethylene glycol) diacrylate 
(PEG-DA) hydrogels as sacrificial supports for free-standing polyamide films. First a solution of 
PEG-DA mixed with the photoinitiator 2,2’dimethoxy-2-phenylacetophenone (DMPA) was 
prepared (10 mg DMPA/1 mL PEG-DA). Sonication is required to dissolve DMPA into the PEG-
DA. A 400 uL aliquot of PEG-DA/DMPA solution is mixed with 600 uL of aqueous MPD (0.1 – 
0.5 wt% MPD in water). A 1 mL aliquot PEG-DA/DMPA/MPD solution is placed in a PDMS 
mold. The mold was made by cutting glass slides into ~1 x 1 inch squares, and then stacking four 
86 
 
of these squares together with double stick tape in between each layer. Glass slides were attached 
to a polyether ether ketone block with double stick tape, covered in polydimethylsiloxane (PDMS), 
degassed, and then cured at 100 °C to make a mold with a well that can hold ~4 mL. The PEG-
DA/MPD solution is cured for 60 seconds in the PDMS mold using 365 nm light at 100 watts from 
a Blak Ray B-100 AP high intensity UV lamp. The result of the curing process is a PEG-DA 
hydrogel impregnated with MPD. Next, the surface of the gel is covered in a 3 mL solution of 
TMC in hexane (0.005 – 0.025 wt% TMC). After a given reaction time (typically 60 seconds) the 
organic solution was removed. The surface of the film was rinsed three times with 1 mL of hexane. 
The gel covered in a polyamide thin film is submerged in water where the film release is facilitated 
by the swelling of the hydrogel in water. Once released, the film can be floated to different supports 
like silicon wafers for further analysis.  
Free-Standing Polyamide Films via Calcium Alginate Hydrogels as a Sacrificial Support 
Ionically cross-linked calcium alginate hydrogels were tested as a sacrificial support for 
free-standing polyamide films. Alginate hydrogels are synthesized by adding ~1.5 mL of 2.5 
wt% sodium alginate solution to a mold constructed using glass slides. A glass slide is cut into 
pieces ~0.5 inches by ~1 inch. Two of these smaller glass pieces are sandwiched between two 
full length glass slides, and parafilm is wrapped around the ends to hold the structure together. At 
this point the mold has two open ends. One end is sealed with parafilm, one end is left open. The 
alginate solution is pipetted into the mold from the open end, and enough space is left at the top 
of the mold for ~1 mL of 250 mM CaCl2 to be added gently on top of the alginate solution. 
Cross-linking is initiated at the interface between the two solutions and the gelling of the alginate 
along that interface makes it possible to turn the mold on its side without the alginate solution 
pouring out.  Then the mold is soaked in 200 mL of 250 mM CaCl2 solution for 24 hours. Over 
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this time period the Ca+2 ions diffuse through the mold cross-linking the alginate throughout. The 
alginate hydrogels were removed from the molds and placed in fresh 250 mM CaCl2 solution for 
3 more hours. The hydrogels are then rinsed three to five times with nanopure water, cut into 
~0.5 x 0.5 inch square pieces with a razor blade, and stored in water until they could be use.. The 
calcium alginate gel is submerged in 2 mL of MPD solution (0.1-10 wt%) for 5 min in a 5.8 cm 
diameter glass petridish after which the MPD solution is poured off. Approximately 0.2 inches is 
cut off all four sides of the square hydrogel and removed from the dish to prevent polyamide 
polymerization on the edges of the hydrogel. The dish is wiped dry with a Kim wipe. TMC 
solution (0.005 – 0.5 wt%) is poured over the surface of the hydrogel submerging it. After 2 min 
the hexane solution is poured off, and the surface of the hydrogel is rinsed three times in both 
hexane and water. The hydrogel coated in polyamide film is transferred to a solution of 100 mM 
ethylenediaminetetraacetic acid (EDTA) and 200 mM sodium citrate to dissolve the hydrogel. 
The EDTA/citrate solution is removed via pipette and replaced after the hydrogel looks fully 
dissolved (time varied from minutes to hours depending on the interfacial polymerization 
conditions) and left over night. The next day the EDTA/citrate solution was removed, replaced 
with water twice, and left to sit until the end of the day after which the film was transferred to a 
silicon wafer treated by UV to improve hydrophilicity. 
Free-Standing Polyamide Films via Support-Free Synthesis 
The procedure for the synthesis of support-free polyamide films directly at the interface 
between bulk solutions of water and hexane is adapted from the work of Park et al.14 Three 
different amine monomers were tested including MPD, piperazine (Pip), and pG1 dendrimer. 
MPD and Pip free-standing films are synthesized in a glass petri dish with a diameter of 8 cm. 
Prior to use the dish is cleaned in a base bath for 20 min, rinsed with nanopure water 10 times, 
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and then dried in an oven. The effect of monomer concentration on film morphology was 
examined by holding the molar ratio between the amine groups (two per MPD and Pip monomer, 
and four per pG1 monomer) and acid chloride groups (three per TMC monomer) at 66:1, and 
changing the net amount of monomer in the system. Films are synthesized by first adding 20 mL 
of MPD or Pip solution to the dish (0.1 – 10.0 wt% MPD, 0.01 – 2.0 wt% Pip), allowing the 
liquid to sit for a few seconds until the surface is still, and then adding 15 mL of TMC solution 
(0.00063 – 0.5 wt% TMC) dropwise via Pasteur pipettes by placing the tip of the pipette into 
contact with the edge of the dish so that the TMC solution spreads on the surface of the aqueous 
solution. After the final TMC addition, the reaction proceeds for either 2 min for the MPD 
system or 5 min for the Pip system. After the designated reaction time both the aqueous and 
organic solutions are removed from the dish via Pasteur pipette. The film is rinsed first by 
pipetting ~10 mL of hexane on to the film surface, removing the hexane via pipette, and 
repeating the process with ~10 mL of water. The film can be transferred to a silicon wafer by 
floating the film on ~20 mL of water, sliding the silicon wafer under the film, and lowering the 
film onto the wafer by removing the water via pipette. The polished surface of the silicon wafer 
was made hydrophilic using a home-built UV cleaner prior to use. Once transferred to a silicon 
wafer, the film is stored under ambient laboratory conditions in plastic petri dish. 
The synthesis protocol differs slightly for the pG1 system due to limited solubility of pG1 
in water. A cosolvent is needed to prepare a homogenous aqueous pG1 solution. The pG1 
dendrimer is soluble in several organic solvents immiscible in hexane including dimethyl 
sulfoxide (DMSO), dimethylformamide (DMF), and N-methyl-2-pyrrolidone (NMP). Even 
though an interface can be made between these organic solvents and hexane, a film does not 
form at the interface between pG1 dissolved in DMSO, DMF, or NMP and TMC dissolved in 
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hexane. Instead, the interface between the gets cloudy indicating that some polymerization is 
taking place, but the polyamide product is not a contiguous film. However, when the pG1 
solution is prepared in a mixture of water and a cosolvent a film is produced at the interface. 
Ultimately NPM was chosen as the cosolvent used in these systems because pG1 is more soluble 
in NMP relative to DMSO and DMF. The pG1 support-free polyamide film synthesis was done 
on a smaller scale due to limited availability of pG1. The reaction was done in a 5.8 cm diameter 
glass petri dish cleaned in a base bath, rinsed 10x in nanopure water, and dried in the oven. The 
pG1 dendrimer is dissolved into NMP to make a 1.0 wt% solution. This is diluted with an equal 
volume of water giving a 1:1 mixture by volume of H2O:NMP, decreasing the concentration of 
pG1 to 0.5 wt%. The mixture is sonicated for ~5 min to insure that the dendrimer is fully 
solubilized, and this homogenous mixture is diluted using 1:1 H2O:NMP as needed to prepare 
different concentrations of pG1 (0.05 – 0.5  wt%). TMC solutions are prepared in hexane 
(0.00108 – 0.0108 wt%). A 9 mL pG1 solution is added to the clean dish followed by 6.75 mL of 
TMC solution was added dropwise via Pasteur pipette. The reaction proceeds for 2 min after 
which the pG1 and TMC solutions are removed via pipette. The surface is rinsed once with ~5 
mL of hexane, and twice with a 1:1 H2O:NMP solution. The film was floated on 1:1 H2O:NMP 
for transfer to supports to maintain the same surface tension conditions as the initial synthesis. 
Free-standing pG1 films are stored in plastic petri dishes under ambient laboratory conditions.  
 
4.4 Synthesis of Free-Standing Polyamide Films Using Sacrificial Support Materials 
  Karan et al. showed that free-standing polyamide thin films could be synthesized on a 
sacrificial layer of cadmium hydroxide nanostrands, and then transferred to support membranes 
like cross-linked polyimide, polysulfone, or porous alumina for solvent filtration applications.13 
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Briefly, the interfacial polymerization is performed on a porous mat formed by filtering a 
solution of Cd(OH)2 nanostrands through a polysulfone membrane. Dissolving the nanostrands 
in HCl releases the polyamide film from the surface. The sacrificial support approach is 
promising, but the synthesis of Cd(OH)2 nanostrands is not robust (discussed in the following 
section) motivating investigation into alternative sacrificial materials.  Key attributes of a 
sacrificial support material include inertness to the solvents and monomers used in the interfacial 
polymerization reaction, the ability to act as a reservoir for either the aqueous or organic 
monomer solution, roughness on the order of the target polyamide film, and a facile release 
mechanism to free the polyamide film. Based on these parameters, poly(ethylene glycol) 
diacrylate (PEG-DA) hydrogels and calcium alginate hydrogels were identified as possible 
support materials. Hydrogels are hydrophilic cross-linked polymeric materials that swell in 
aqueous environments.22 This seemed like an ideal quality for a sacrificial support in an 
interfacial polymerization reaction. In practice neither of these hydrogels functions properly as a 
sacrificial support because they each fail to meet one of the criteria for sacrificial supports which 
will be discussed in the following sections. 
Cadmium Hydroxide Nanostrands as a Sacrificial Support 
 Efforts were made to replicate the work of Karan et al. to produce free-standing 
polyamide films on Cd(OH)2 nanostrand sacrificial layers,
23 but ultimately this approach fails 
due the irreproducible synthesis of the nanostrands. Nanostrands are reported to form by 
increasing the pH of Cd(NO3)2 or CdCl2 solutions from ~5.5 to 8.0 – 9.0 by the addition of either 
NaOH or ethanolamine.24-26 At pH values >9.0 white Cd(OH)2 precipitates out of solution, but in 
the window between pH 8.0 – 9.0 positively charged nanostrands ([Cd37(OH)68(H2O)n]
6+·6X-  
where X= Cl-, NO3
-, COOH3
-) form that are 1-2 µm in length and 2 nm in diameter composed of 
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stacked hexagonal plates. The literature cites pH control as the most factor in nanostrands 
formation,23-24 but this factor alone is not sufficient to reproducibly produce nanostrands.  
 Figure 4.2 shows a TEM micrograph and an SEM micrograph of the products from 
nominally the same reaction conditions (4 mM CdCl2 and 0.4 mM ethanolamine stirred for 15 
min in glass reaction vessel cleaned with aqua regia and rinsed with nanopure water ten times), 
and clearly there are inconsistencies in the morphologies of the products. Figure 4.3.A is close to 
the nanostrands described in the literature, albeit the length of the nanostrand in the image is 
shorter than 1 µm. The micron scale prism shaped Cd(OH)2 structures in Figure 4.3.B are 
representative of the most common reaction products from this procedure. These structures are 
problematic as a sacrificial support because the support surface produced by filtering them is 
very rough and could affect the morphology of the polyamide film, and the coverage on the 
surface is not uniform hindering film release. Several factors were considered in attempts to 
troubleshoot this synthesis. First, the pH of the reaction solution was measured using a pH probe, 
and confirmed to be 8.4 which falls in the 8-9 range. The reaction conditions were altered by 
changing the concentration of the reactants ([CdCl2] = 0.5 – 8 mM, [ethanolamine] = 0.1 – 1 
mM), stirring time (1 – 20 min), base used (NaOH), reaction vessel (glass or polypropylene), 
grade of the water (nanopure or HPLC grade), and drying the CdCl2. None of these changes 
produced nanostrands. In the time since I tried to reproduce this work it has been demonstrated 
that cleaning the glassware with a base bath followed by an acid bath can help to facilitate 
nanostrands growth.27  
The irreproducibility of the Cd(OH)2 nanostrand synthesis ultimately disqualifies this 
material as a sacrificial support material. As an additional consideration, the toxicity of cadmium 
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is ill-suited for the synthesis of polyamide membrane materials for practical water purification 
applications.                  
 
Figure 4.3: TEM (A) and SEM (B) micrographs of the products from successful (A) and 
unsuccessful (B) attempts to synthesized Cd(OH)2 nanostrands. The TEM grid was prepared by 
transferring a 50 µL aliquot from the reaction vessel to a TEM grid, and the product in the SEM 
image was collected on a PS-35 membrane.   
 
Poly(ethylene glycol) diacrylate Hydrogels as a Sacrificial Support 
 Poly(ethylene glycol) diacrylate hydrogels were identified as a possible sacrificial 
support material because the high water content of the hydrogel seemed ideal for an interfacial 
polymerization support, the chemistry of PEG-DA is compatible with MPD and TMC, and the 
swelling behavior of PEG-DA hydrogels in water28 seemed like it could serve as a release 
mechanism to remove the polyamide film from the hydrogel surface. The structure of PEG-DA 
is shown in Figure 4.4. PEG-DA hydrogels are chemically cross-linked via photopolymerization 
in which the pendant acrylate groups form reactive free radicals when a photoinitiator, in this 
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case 2,2-dimethoxy2-phenylacetophenone (DMPA), produces free radicals upon absorption of 
UV light. Physical and mechanical properties of the hydrogel are controlled by the molecular 
weight of the PEG-DA, concentration of photoinitiator, UV exposure time, and the polymer 
volume fraction.28 Biocompatibility, flexibility, and high permeance drive interest in PEG-DA 
hydrogels in tissue engineering and drug delivery applications.29  
Figure 4.4 shows the synthetic scheme developed to synthesize support-free polyamide 
films using PEG-DA hydrogel supports. Briefly, a solution of PEG-DA and DMPA is mixed 
with an aqueous solution containing MPD, and transferred to a PDMS mold where the aqueous 
PEG-DA/DMPA/MPD mixture is exposed to UV light for 2 minutes to produce a PEG-DA 
hydrogel impregnated with aqueous MPD. The volume fraction of PEG-DA to water in the 
initial aqueous solution is 2:3. This condition was selected because the hydrogel produced is a 
majority water by volume, but the hydrogel is also strong enough to withstand some physical 
manipulation without being damaged. A polyamide film forms on the surface of the hydrogel by 
exposing the surface to a solution of TMC in hexane, and the film is released from the surface of 
the hydrogel by submerging the hydrogel in water. The chemistry and the thickness of the 
polyamide films synthesized on PEG-DA hydrogels were characterized to determine if PEG-DA 
hydrogels are a suitable sacrificial support. The polyamide films must have the same chemistry 
as conventional TFC polyamide membranes, and the thickness and morphology should be 
similar to the free-standing films prepared on Cd(OH)2 nanostrand supports reported by Karan et 




Figure 4.4: Protocol for synthesizing free-standing polyamide films on a PEG-DA hydrogel 
sacrificial support.  
 
FTIR is a useful tool for chemical fingerprinting, and ATR-FTIR was used to determine 
if the free-standing polyamide films were contaminated by PEG-DA. Feasibly any un-cross-
linked PEG-DA remaining on the surface of the hydrogel after photopolymerization could 
become incorporated into the polyamide film during interfacial polymerization or could stick to 
the film after release which would contaminate the polyamide film.  Spectra were collected from 
a PEG-DA hydrogel dried for several days in air, a polyamide standard prepared by directly 
mixing aqueous MPD and TMC in hexane in a glass vial, and a free-standing polyamide film 
prepared on a PEG-DA hydrogel support at 1.0 wt% MPD and 0.05 wt% TMC.  Figure 4.5 
shows the fingerprint region of the IR spectra from each of these polymeric materials. The 
spectrum of the free-standing polyamide film closely matches the spectrum of the polyamide 
standard and does not resemble the spectrum of the PEG-DA hydrogel suggesting that within the 
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penetration depth and detection limit of the ATR-FTIR, the free-standing polyamide film is free 
of PEG-DA contamination. Note that a systematic evaluation of the chemistry of the free-
standing films with respect to monomer concentration was not performed.  
 
 
Figure 4.5: FTIR spectrum of a free-standing polyamide film synthesized on a sacrificial PEG-
DA hydrogel support. Spectra of a polyamide standard, and a dry PEG-DA hydrogel are 
provided for comparison.  
 
 While the ATR-FTIR results did not indicate any problems with PEG-DA hydrogel 
sacrificial supports, examining the thickness of the free-standing polyamide films with respect to 
monomer concentration shows that the PEG-DA hydrogels are not an appropriate sacrificial 
support. Figure 4.6 shows the thickness of free-standing polyamide thin films with respect to 
monomer concentration. Film thicknesses were determined by AFM. The free-standing 
polyamide films do not exhibit the growth behavior expected of interfacially polymerized 
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polyamide materials. Experimental and simulation studies of the kinetics and dynamics of the 
interfacial polymerization process show that the film growth is self-limiting.30-33 Film growth 
occurs in the organic phase when the MPD diffuses across the interface. As the film grows and 
becomes more densely cross-linked, the diffusion of MPD is inhibited by the film its self 
dramatically slowing film growth. The films represented in Figure 4.6 are not consistent with 
self-limiting polyamide film growth. Over the relatively small range of concentrations tested 
(0.1-0.5 wt% MPD, 0.005-0.025 wt% TMC) the film thickness increased dramatically from 41 
nm to upwards of 2,300 nm. The highest concentrations tested are only 25% of the concentration 
typically used to synthesize commercial TFC membranes, but thickness of the film is ~20 times 
thicker than the conventional material. Clearly the polyamide films formed on the PEG-DA 
hydrogel are not representative membrane materials because the films are not densifying to the 




Figure 4.6: Thickness of free-standing polyamide films synthesized on PEG-DA sacrificial 
support materials with respect to monomer concentration. Thicknesses were measured by AFM.  
 
 It is unclear how the PEG-DA hydrogel disturbs the growth dynamics of the polyamide 
film. Free PEG-DA on the hydrogel surface could conceivably disrupt the cross-linking of the 
polyamide, but there was not any evidence of PEG-DA contamination in the IR data. Upon 
further examination of the synthesis protocol it was observed that after photopolymerization, the 
surface of the hydrogel is covered in a thin layer of liquid that was not removed in all the 
preceding reactions. This means that the interfacial polymerization reactions were carried out on 
this thin liquid layer rather than directly on the surface of the hydrogel. When the liquid layer is 
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removed, and the reaction is actually performed on the hydrogel surface, the polyamide adheres 
to the PEG-DA, and the swelling of the hydrogel does not induce the release of the film.  
PEG-DA hydrogels fail as sacrificial supports because the polyamide films produced do 
not exhibit self-limiting growth, and ultimately the swelling of the hydrogel is not an effective 
release mechanism.    
Calcium Alginate Hydrogels as a Sacrificial Support  
Calcium alginate hydrogels were also tested as a sacrificial support material the synthesis 
of free-standing polyamide films. Again, hydrogels were chosen because the water content of the 
hydrogel seemed advantageous for the interfacial polymerization reaction, and calcium alginate 
was identified as a potentially useful substrate because the physically cross-linked hydrogel can 
be dissolved to release the film. Due to its biocompatibility, alginate hydrogels are used in a 
variety of biomedical applications including wound healing, tissue engineering, and drug 
delivery.34 Alginate is an anionic polysaccharide extracted from algae, and its structure is shown 
in Figure 4.7. When sodium alginate is exposed to calcium ions, the divalent cation bridges two 
alginate chains ionically cross-linking the polymer to form an insoluble hydrogel.22 Ionic cross-
linking is reversible. Displacing or chelating the calcium ions dissolves they hydrogel making 
calcium alginate an attractive sacrificial support material.  
Figure 4.7 outlines the protocol developed to synthesize free-standing polyamide films on 
a calcium alginate hydrogel sacrificial supports. Briefly, the calcium alginate hydrogel is formed 
in a mold by pipetting calcium chloride on to the open side of the mold, and then allowing the 
alginate solution to gel as Ca2+ diffuses through the mold.  The free-standing polyamide film is 
synthesized by soaking the surface of the hydrogel in aqueous MPD followed by TMC in 
hexane. Film release is facilitated by dissolving the hydrogel in a solution of EDTA and sodium 
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citrate. The free-standing polyamide films were characterized to determine if the calcium 
alginate hydrogel has any effect on the properties of the film.  
 
 
Figure 4.7: Protocol for synthesizing free-standing polyamide films using calcium alginate 
hydrogels as a sacrificial support.  
 
 FTIR spectra show that the chemistry of the free-standing polyamide film is affected by 
the calcium alginate hydrogel. Figure 4.8 shows the FTIR spectrum of a free-standing polyamide 
film synthesized using 10.0 wt% MPD and 0.5 wt% TMC on a calcium alginate hydrogel in 
comparison to a polyamide standard, and a dried calcium alginate hydrogel. The fingerprint 
region of the free-standing polyamide film spectrum does not match the standard or the hydrogel. 
Bands at ~1640 cm-1 and ~1550 cm-1 correspond to amide bonds,35 but the bands in this region of 
the spectrum of the free-standing film are weak. The amine groups on MPD could react with 
alginate carboxyl groups that are not ionically bound to Ca2+, but it is unclear whether this would 
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simply deplete the concentration of MPD available to react with TMC or disrupt the chemistry of 
the free-standing film by incorporating alginate into the structure in some way. The IR data does 
not provide clear evidence either way.  
Calcium alginate hydrogels are not good sacrificial support materials for synthesizing 
free-standing polyamide films. The hydrogel is not inert to the monomers and can interfere with 
the film as shown by ATR-FTIR. 
 
 
Figure 4.8: FTIR spectrum of a free-standing polyamide film synthesized on a sacrificial calcium 
alginate hydrogel support. Spectra of a polyamide standard, and a calcium alginate hydrogel are 






4.4 Support-Free Synthesis of Free-Standing Polyamide Films  
 Free-standing polyamide films that perform well as active layers in reverse osmosis and 
nanofiltration membranes can by synthesized directly at the interface between aqueous MPD, 
and TMC dissolved in hexane eliminating the need for a sacrificial support material.14-17 Park 
and Choi et al. used free-standing polyamide films to better understand the effects that the 
support membrane have on membrane properties and performance. They adhered support-free 
polyamide films to hydrolyzed polyacrylonitrile (PAN) support membranes, and compared the 
performance of the support-free TFC membranes to conventional TFC membranes interfacially 
polymerized on PAN support membranes to show that the support material effects the chemistry 
and morphology of the layer as well as membrane performance. The free-standing polyamide 
film was smoother, the zeta potential of the surface was more positive (-22.3 mV vs -30.7 mV), 
and the O/N ratio of the hexane facing side of the film was lower (1.03 vs 0.72), in comparison 
to the same reaction conditions on the PAN support. Water flux was improved by ~50% (8.7 – 
13.3 L m-2 h-1), and NaCl rejection increased by ~2% (97 – 99%) using the free-standing 
polyamide film. Decoupling active layer synthesis from the support provides insight into the role 
of the support in interfacial polymerization and allows for new methods for materials 
characterization not previously possible (see Chapter 5). 
 The protocol for support-free synthesis of free-standing polyamide thin films is shown in 
Figure 4.9. Support-free synthesis has been demonstrated using MPD/TMC systems, and in this 
work the support-free approach was extended to other nanofiltration monomer systems including 
a novel dendrimer functionalized with four NH2 groups (pG1) (see Figure 4.9), and piperazine 
(Pip). The surface morphology, and thickness of free-standing MPD/TMC, pG1/TMC, and 




Figure 4.9: Support-free synthesis of free-standing polyamide films.  
 
Free-Standing MPD/TMC Polyamide Films 
 Monomer concentration affects the morphology of the polyamide layer in conventional 
TFC MPD/TMC membranes,31, 36 and has been reported to affect the morphology of free-
standing films as well.13, 15  The roughness of conventional TFC membranes decreases with  
decreasing MPD concentration when the TMC concentration is held constant, which is attributed 
to polymerization occurring in the pores of the polysulfone support rather than the surface.31 The 
roughness of free-standing polyamide films also depends on the monomer concentration. Karan 
et al. report that smooth and crumpled films can be produced on sacrificial Cd(OH)2 nanostrand 
supports by changing monomer concentrations. At 2.0 wt% MPD and 0.1 wt% TMC free-
standing films made on the nanostrand support have leafy crumpled features, and look like the 
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active layer of a conventional TFC. Park et al. report that the roughness of support-free free-
standing films increases when the concentration of MPD is increased and the concentration of 
TMC is maintained.15 However,  the features of the support-free film are more sparse and 
compact than a film prepared on a Cd(OH)2 support at the same concentrations (2.0  wt% MPD 
and 0.1 wt% TMC).  
 Free-standing films were made between 0.1 – 10.0 wt% MPD and 0.005- 0.5 wt% TMC. 
Films do not form when the concentration is decreased further to 0.01 wt% MPD and 0.0005 
wt% TMC. Figure 4.10 shows SEM micrographs of the top surface (hexane side) of free-
standing films as monomer concentration is increased, along with a conventional TFC membrane 
synthesized on a polysulfone support for the same reaction time (2 min) at 2.0 wt% MPD and 0.1 
wt% TMC. The TFC film is much rougher than the free-standing film prepared using the same 
monomer concentrations and shows the leaf-like protrusions that are typical of reverse osmosis 
membrane materials. While the support-free film does have some protrusions, the areal density 
of these structures is less than the conventional film prepared at the same monomer 
concentration, and the features are more compact. At the lowest concentrations, the surface is 
smooth and virtually featureless, and as the concentration increases more protrusions emerge. At 
the highest concentrations (5.0 -10.0 wt% MPD, and 0.25 - 0.5 wt% TMC) the areal density of 
the features approaches the areal density of a conventional polysulfone supported polyamide 
film, but it takes ~2.5 x more monomer for the areal density of the protrusions to reach the same 
point. Additionally, the structures and protrusions that evolve on the support-free film are 
compact nodules unlike the folded and loopy features of the TFC membrane. AFM images in 
Figure 4.11 also show increased roughness with monomer concentration. Up to 2.0 wt% MPD 
and 0.1 wt% TMC the protrusions on the surface are ~25 nm tall. Above that concentration, the 
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features grow up to ~150 nm. Figure 4.12 shows AFM and SEM images of the back side 
(aqueous facing) of free-standing films at 0.1 wt% MPD and 0.005 wt% TMC, and 2.0 wt% 
MPD and 0.1 wt% TMC. The backside of the 0.1 wt% MPD and 0.005 wt% TMC is smooth and 
virtually featureless. Again, as monomer concentration increases the roughness of the film 
increases as features develop on the surface. The features on the back of the film at 2.0 wt% 
MPD and 0.1 wt% differ slightly from the front. Where the features on the front extend outward 
from the surface, the features on the back are more compact and circular. There appear to be 
small pores on the aqueous surface which Park et al. also observed on the aqueous surface of 
support-free films, and are also present on the aqueous surface of TFC membranes.14, 37-38    
 I speculate that increased roughness of the films with increasing monomer concentration 
is tied to the formation of polyamide aggregates during film growth. At high monomer 
concentration the initial flux of monomers into the reaction zone will be greater than the lower 
monomer concentration case resulting in a higher number density of initial points of polyamide 
growth that grow into each other and aggregate over the course of film growth creating a rough 
surface. Additionally, it is unclear why support-free films are typically smoother with more 
compact features than supported films synthesized under the same conditions. Ghosh and Hoek 
posit that the loose leafy structures are caused by the aqueous solution flowing out of the pore 
structure of the support and spreading laterally on the surface,12 while Li et al. theorize that the 
interface is made turbulent by convection as the liquid emerges from the pores.39 Karan et al. 
hypothesize that convection occurs because of heat generated by the formation of the polyamide 
film which causes the film to crumple due instabilities at the hexane interface as a result of poor 
heat conduction into the support relative to bulk water.13, 40 The heat flux that can actually be 
expected from this process is quite small. The enthalpy of the formation of the amide bond 
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between an aromatic acid chloride and an aromatic primary amine is -149 kJ mol-1, and the 
concentration of amide bonds in a fully aromatic three-dimensionally crosslinked membrane is 
11.7 M.41-42 Given that we can expect the thickness of the polyamide film to reach ~10 nm in   
~1 s,31 the heat flux from the production of 1 cm2 of film is ~1.7 x 10-9 W cm-2 which is quite 
small. Additionally, this hypothesis does not seem to be supported by the evolution of the film 
morphology with respect to monomer concentration. The surface morphology of films prepared 
on Cd(OH)2 transitions from crumpled and leafy to nodular as the monomer concentration 
increases from 2 wt% MPD to 10 wt% MPD and 0.1 wt% TMC to 0.5 wt% TMC. The heat 
generated should scale with monomer concentration, but folded leafy structure gives way to 
nodules as the monomer concentration increases which decreases the RMS roughness relative to 





Figure 4.10: SEM micrographs of the top (hexane facing) surface of (A) free-standing 











Figure 4.12: AFM images (A) and SEM images (B) of the bottom (aqueous facing) surface of 
free-standing MPD/TMC films. 
 
Thickness, and RMS roughness of the top surface of the film with respect to monomer 
concentration are shown in Figure 4.13. Thickness was determined using ellipsometry and step 
profiles from AFM images, and the RMS roughness was measured by AFM. Note that the 
thickness of films prepared at concentrations greater than 2.0 wt% MPD and 0.1 wt% TMC could 
not accurately be determined by ellipsometry due to scattering of the incident light by the rough 
films. Film thicknesses increase gradually with monomer concentration showing self-limiting film 
growth in contrast to the growth exhibited in Figure 4.6. Thickness increases gradually from 8.8 
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nm ± 1.2 nm at 0.1 wt% MPD and 0.005 wt% to 15.1 nm ± 1.9 nm as the monomer concentrations 
increases twentyfold to 2.0 wt% MPD and 0.1 wt% TMC. These values are in agreement with 
previously reported thicknesses for similar support-free systems.15 The RMS roughness is less than 
the thickness of the film until 2.0 wt% MPD and 0.1 wt% TMC where the roughness and thickness 
approach the same value.  
 
 
Figure 4.13: Thickness and RMS roughness of free-standing MPD/TMC films. Thicknesses were 
measured using spectroscopic ellipsometry, and step heights in AFM images. RMS roughness 
values were determined from AFM images.   
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Free-Standing pG1/TMC Polyamide Films 
Dendrimers are symmetric branched treelike molecules. Due to convenient control over 
functionality and size dendrimers have been used to modify commercial membranes, and 
synthesize novel nanofiltration active layers.43-45 Commercial membranes modified with 
dendrimers have shown dramatic improvement in the rejection of dissolved organic species 
concurrent with modest water flux decline.43  Branched structures could afford control over the 
size and distributions of pores through the number of branching units, and by changing 
substitution positions. Halide functionality can be incorporated that could be useful in combating 
hypochlorite degradation, which is a major source of fouling.46  
A para substituted first generation (pG1) aramid dendrimer (structure in Figure 4.9) was 
used to synthesize free-standing polyamide films. The dendrimer has four primary amine groups 
available to react with TMC. Ultimately the low solubility of the dendrimer in water presents 
major limitations to support-free film synthesis, and N-methyl-2-pyrrolidone (NMP) is needed as 
a cosolvent to prepare homogenous pG1 solutions. Homogenous solutions of up to 1 wt% pG1 
can be prepared using 1:1 NMP:H2O volume ratio with sonication, however pG1 will begin to 
precipitate out of solution after ~30 min (this is true for down to ~0.1 wt% pG1). Perhaps 
solubility could be improved by increasing the concentration of NMP, but the minimum amount 
of water required to facilitate polyamide film formation at the interface with hexane was not 
tested. 
Figure 4.14 shows AFM images of the hexane facing side of free-standing pG1/TMC 
films from 0.01 – 1.0 wt% pG1 and 0.000216 – 0.0216 wt% TMC. A very narrow concentration 
window (0.05 – 0.1 wt% pG1 and 0.00108 – 0.00216 wt% TMC) is available to produce 
contiguous films that are not prohibitively contaminated by unreacted dendrimer. Films formed 
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below 0.05 wt % pG1 and 0.00108 wt% TMC have holes and defects. Above 0.1 wt% pG1 
dendrimer solubility becomes an issue as unreacted dendrimer sticks to the surface of the film 
which can be seen in Figure 4.14. In fact, at 0.5 – 1.0 wt% pG1 the films have speckles the color 
of solid pG1 that can be seen with the naked eye. The films were rinsed twice with 1:1 
NMP:H2O. Further washes were not attempted because the rinsing process eventually begins to 
wrinkle the film as each wash further detaches the film from the side of the glass dish where 
there is a little bit of adhesion between the film and glass that helps keep the film planar. Rinsing 
with pure NMP to dissolve unreacted dendrimer is not effective because film contracts when 
pure NPM is applied impeding transfer to a substrate. Despite the contamination, the films are 
quite smooth over the concentration range tested. Scattered protrusions start to develop on 
MPD/TMC films at 0.25 wt% MPD, but the surface of the pG1/TMC films remains featureless 
over the concentration range tested. Figure 4.15 shows AFM images of the aqueous facing side 
of the films ranging from 0.05 – 0.25 wt% pG1 and 0.00108 – 0.54 wt% TMC. These images 
show that the aqueous side of the film is rougher than the hexane side which likely is due at least 
in part to dendrimer contamination that should be greater on the aqueous side. The features could 
also be nodule like structures like the MPD/TMC films, but it is difficult to say with certainty. 










Figure 4.15: AFM images of the bottom (aqueous facing) side of free-standing pG1/TMC films.  
 
 The thickness and roughness of pG1/TMC films with respect to monomer concentration 
is shown in Figure 4.16. The reported RMS roughness values exclude contributions from 
obvious surface contamination or folds in the film by masking these features out of the image 
before analysis. Over the one hundredfold concentration increase, film thickness increased from 
4.6 ± 1.3 nm to 12.5 ± 2.3 nm suggesting that the pG1/TMC system exhibits self-limiting 
growth. Over the range tested, the RMS roughness is less than the film thickness hovering at 
~1.5 nm before jumping to 5.0 nm at 0.1 wt% pG1 and 0.0216 wt% TMC. Films do not form at 
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0.01 wt% MPD, but holey films do form at an equivalent concentration of pG1 at the same ratio 
of primary amine groups to acid chloride groups. However, when a contiguous film does form, 
the films are approximately the same thickness at the same concentrations of pG1 and MPD, but 
the pG1 films are smoother.  
 
 







Free-Standing Pip/TMC Polyamide Films 
 Polyaimde nanofiltration membranes can be made with piperazine (Pip) interfacially 
polymerized with TMC. These membranes have relatively higher water flux and lower salt 
rejection than reverse osmosis membranes, and find use in the rejection of small organic 
molecules.47 In contrast to MPD, which is an aromatic ring functionalized with two primary 
amine groups, Pip is a six-membered aliphatic ring with two secondary amine groups in para 
positions in the ring (see Figure 4.9). TFC active layers made with Pip and TMC are thought to 
have larger pores than MPD/TMC active layers because the chair structure of Pip does not allow 
the polymer chains to pack as closely resulting in increased water flux and decreased rejection.48  
 Free-standing Pip/TMC films were synthesized between 0.01 – 2.0 wt% Pip and 0.00063 
– 0.13 wt% TMC. SEM micrographs and AFM images show the morphology of the top surface 
of free-standing Pip/TMC films in Figures 4.17 and 4.18 respectively. Like the MPD/TMC 
system, the roughness of these films increases with increasing monomer concentration. Large 
sparsely dispersed surface features start to develop on the surface at 0.5 wt% Pip and 0.031 wt% 
TMC. As the concentration increases to 1.0 – 2.0 wt% Pip and 0.083 – 0.13 wt% TMC the 
surface is dominated by spherical surface structures that that grow larger as the concentration 
increases. The surface morphology of the free-standing film closely resembles a conventional 
TFC membrane synthesized using Pip and TMC on a PAN support, which also has a rough 
surface dominated by rounded features.49 AFM reveals defects in the films that are harder to 
observe in SEM images. Figure 4.18 shows holes in the 0.01 wt% Pip and 0.00063 wt% TMC 
sample. From the top side, there are not any holes visible in any of the other samples. However, 
Figure 4.19 shows that on the bottom side of the free-standing films there are holes in the 
material at 0.025 – 0.033 wt% Pip and 0.0017 – 0.0023 wt% TMC that do not extend through to 
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the hexane facing side of the material. At higher concentrations the bottom side of the material 
looks contiguous. Karan et al. also observed holes via TEM in free-standing Pip/TMC films 




















 The thickness measured using AFM and ellipsometry along with the RMS roughness of 
the top surface of the free-standing films with respect to monomer concentration are shown in 
Figure 4.20. Again, thicknesses from ellipsometry are not reported for highest concentrations 
because the films are too rough to get an accurate measurement. In contrast to the MPD/TMC 
case that showed relatively small changes in thickness (~1.7 x increase in thickness over 
twentyfold increase in concentration), the thickness of the Pip/TMC films increases ~14.2 x from 
9.1 nm ± 2.2 nm to 130.1 nm ± 7.4 nm over a tenfold concentration increase. This is likely 
related to the holes in the film indicating that the film is not a good barrier against Pip which can 
easily diffuse through the voids in the film to continue film growth. Although there are no holes 
visible in the AFM images of the aqueous side of the 0.05 wt% Pip and 0.003 wt% TMC film, 
the thickness still doubles as the concentration doubles to 0.1 wt% Pip and 0.006 wt% TMC 
which could indicate that that the film is still permeable to Pip. From 0.1 – 1.0 wt% Pip and 
0.006 – 0.06 wt% TMC the thickness is constant suggesting that the film network is dense 
enough to limit Pip diffusion. The roughness of the film increases over this concentration range 




Figure 4.20: Thickness and RMS roughness of free-standing Pip/TMC films. Thicknesses were 
measured using spectroscopic ellipsometry and step heights in AFM images. RMS roughness 
values were determined from AFM images.   
 
4.5 Density and Hydration of Free-Standing Polyamide Films 
  The areal mass of free-standing MPD/TMC films was measured using two 
complimentary methods. A quartz crystal microbalance (QCM) was used to measure the dry 
mass of the films and mass changes with respect to relative humidity. I wanted to use Rutherford 
backscattering spectrometry to confirm the dry density of the films, but contamination issues 
made this challenging and will be discussed herein. 
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Quartz Crystal Microbalance 
 Hydration of polyamide membrane active layers is an active area of research. In contrast 
to separations by ultrafiltration which are described by size exclusion, separations via 
nanofiltration and reverse osmosis are solution diffusion processes. In solution diffusion water 
molecules dissolve into the polyamide film from the feed side, and diffuse through the layer to 
the permeate side during the separation.50 Water flux through the membrane (J) can be described 
by the following equation  
𝐽 = 𝐷 (
𝜕𝐶
𝜕𝑥
)                                                             (4.3) 
where D is the diffusion coefficient in the active layer, C is the molar concentration of water in 
the membrane, and x is the position inside the active layer along an axis perpendicular to the 
surface. Because of this, the diffusion coefficient of water, specific volume of water in the active 
layer, concentration water in the active layer, and the swelling of the active layer in response to 
water uptake are parameters that affect membrane performance.  
QCM is commonly used to examine thin films, and hydration because the technique can 
detect mass changes the ~1 ng cm-2 level.51-52 Hydration and charge density of commercial active 
layers have been measured via QCM. Water uptake and the resulting biaxial stress in the active 
layer were measured by Zhang et al. who report mass changes of 12% as the relative humidity 
(RH) is increased from 0 – 95%.42 Biaxial stress measurements were coupled with QCM to 
measure swelling. Stress measurements give insight into the swelling of the active layer, which 
occurs as water molecules and ions absorb into the material. Swelling indicates how the water 
molecules are interacting with the film. If water molecules absorb within a well-defined pore 
network that is larger than the volume of a water molecule swelling will not occur. However, if 
the water molecules or clusters of water molecules are larger than voids in the dense polyamide 
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polymer network, the structure must swell to accommodate water absorption. Biaxial stress 
measurements show -20 MPa of compressive stress associated with water absorption. This also 
indicates film thickness increases by ~2 % due to swelling from water uptake, and the specific 
volume of water (degree of swelling divided by mass uptake) in the active layer is ~0.28 cm3 g-1. 
The degree of swelling in saturated polyamide active layers has been reported to be as high as 
20% in AFM and neutron reflectivity studies.3, 40 QCM with dissipation (QCM-D) was used by 
Nadermann et al. to examine water uptake in active layers modified by a hydrophilic surface 
coating by modeling diffusion through the structure as a Fickian bilayer to describe the mass 
change with respect to time.53 Perry et al. used a liquid cell QCM to probe the charge density of 
active layers by monitoring the mass increase due to association of Cs+ with carboxyl groups in 
the membrane, and the QCM results were in good agreement with previous RBS results.4  
Figure 4.21.A shows the areal mass of free-standing MPD/TMC films with respect to 
monomer concentration. The films were measured after heating for 2 minutes at 200 °C on a hot 
plate to drive off adsorbed water. Additional drying by flowing dry nitrogen over the films in a 
flow cell for several hours did not further decrease the mass indicating that heating is sufficient 
to dry the films. Frequency shifts as a result of film transfer range from -45 ± 3 – -113 ± 5 Hz as 
monomer concentration increases. Sample to sample mass variability is ~5 – 10 % based on three 
replicate syntheses, and the long-term stability of the measurement is ± 1 Hz contributing 1 – 2% 
uncertainty. The areal mass of the MPD/TMC films was calculated using equation 4.2, and more 
than doubles from 0.80 ± 0.05 to 2.0 ± 0.09 µg cm-2 as monomer concentration increased from 
0.1 – 2.0 wt% MPD and 0.005 – 0.1 wt% TMC. Karan et al. also report increasing mass with 
respect to monomer concentration for free-standing films synthesized on sacrificial Cd(OH)2 
supports.13 They report areal masses of 1.21 µg cm-2 for smooth films, which is in good 
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agreement with this work, and 11.62 ± 0.63 µg cm-2 for crumpled films. The areal mass of the 
support-free films is ~10% of the areal mass of conventional polyamide active layers which are 
~20 - 35 µg cm-2.4, 42   
The density of free-standing polyamide films with respect to monomer concentration is 
shown in Figure 4.21.B. Densities were calculated using the areal mass from Figure 4.21.A, and 
film thicknesses from Figure 4.13. It should be noted that the thicknesses were not measured 
under controlled humidity while the areal masses were measured under dry conditions. Density 
increases with monomer concentration from 0.91 ± 0.14 to 1.32 ± 0.18 g cm-3. Uncertainties in 
the reported value are ~13 – 20% based on the variability of the areal mass (5 – 10 %), and the 
uncertainty of the thickness (10%). Previously, the dry density of free-standing polyamide films 
has been shown to depend on both reaction time and monomer concentration with reported 
values ranging between 0.59 ± 0.27 – 1.44 ± 0.44 g cm-3 depending on reaction conditions.13, 40 
In comparison, the density of commercial fully aromatic active layers is 1.24 g cm-3 .2, 42 These 





Figure 4.21: Areal mass (A) and density (B) of free-standing MPD/TMC films. Masses are 
measured via QCM, and the density is calculated using the film thicknesses measured by AFM 
and the areal masses in A. Values reported are averages of three individual films, and error bars 
include sample to sample variation, and uncertainty in the measurements. 
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Sorption of water to free-standing polyamide films synthesized across a range of 
monomer concentrations is shown as the change in mass of film coated sensors with respect to 
relative humidity (RH) in Figure 4.22.A. The stability of the sensor over time is ± 1 Hz. This is 
negligible when measuring the mass of the film itself, but the frequency shifts due to water 
sorption are ~3 – 9 Hz, which is pushing the limits of the instrument.  In comparison, water 
absorption into commercial active layers causes a shift of ~130 Hz or 2.3 µg cm-2  at saturation 
so the fluctuations are not a concern for the thicker material.42 The smallest total mass changes 
occur at 15% RH and correspond to ~0.06 µg cm-2 of water which is roughly equivalent to the 
mass of a bilayer of water adsorbed onto a quartz surface. The largest mass changes are        
~0.16 µg cm-2, which is equivalent to roughly five layers of water.  Note that swelling induced 
by water absorption was not evaluated in this study. Without measuring swelling it is difficult to 
say definitively that the mass changes due to water absorption into the film, and adsorption to the 
surface of the film so the more general term, sorption, will be used. The total mass of sorbed 
water at 100% RH roughly scales with monomer concentration with the smallest quantities of 
water up taken by thinner smoother films produced at low monomer concentration, and large 
quantities absorbed by the thicker films with greater surface area produced at higher monomer 
concentrations. 
 Figure 4.22.B shows the mass change with respect to RH as a percentage of the mass of 
the polyamide film. Overall, the percent change in mass is greater for the thinner, less dense 
films prepared at low monomer concentration compared to the thicker denser films prepared at 
high monomer concentrations. This is most pronounced at 15% RH where the two lowest 
concentration films are clustered around ~8% mass change, and the other three more dense films 
are clustered at ~4% mass change. As the humidity increases to 100% the average percent 
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change in mass due to water sorption is ~11 % with the lowest monomer concentration film 
showing the greatest mass change at ~14%, and the highest monomer concentration film 
showing the smallest mass change at ~8%. The average agrees well with absorption by 
commercial polyamide layers measured by QCM, and projected by simulations.32, 42, 54 Foglia et 
al. report 20 – 50% mass changes due to hydration as well as 8 – 22% increase in thickness due 
to swelling over a range of different monomer concentrations and reaction times measured by 
neutron and x-ray reflectivity for free-standing polyamide films prepared on Cd(OH)2 nanostrand 
sacrificial layers.40 Foglia’s results show a clear trend with respect to increasing reaction time 
and MPD concentration. At longer reaction times, and higher MPD concentrations the films 
produced are denser, resulting in reduced water uptake and swelling. This seems to agree with 
the results shown here where more dense films uptake less water as a percentage of mass.  
The shape of the free-standing film mass uptake curves seems to match the uptake curves 
for commercial polyamide membranes measured by QCM. After an initial jump in the mass with 
respect to relative humidity the mass gain plateaus from ~15 – 75% RH before a final rise at high 
RH. This agrees quite well with the commercial membrane water absorption curve.42 Zhang et al. 
suggest that water absorption in commercial active layers follows a Langmuir adsorption 
isotherm below ~60% RH, and follows Flory-Huggins theory at high humidity. Fitting the low 
humidity absorption data of commercial membranes with the Langmuir adsorption isotherm 
gives ~30 – 40 meV adsorption energies for commercial polyamide layers. Modeling the high 
humidity data for using Flory-Huggins theory gives the χ parameter (interaction energy divided 
by kT) which is ~1.7. More data points are needed to fit the data in Figure 4.22.A in meaningful 
way based on the sorption theories discussed, but from a qualitative perspective the behavior the 




Figure 4.22:  A) Mass change of free-standing MPD/TMC films with respect to relative humidity 
in µg cm-2 of water where the dotted line corresponds to the areal mass of a monolayer of water 
absorbed to the (0001) face of a quartz crystal for reference, and B) mass change as a percentage 
of the dry mass of the film.   
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Rutherford Backscattering Spectrometry 
 RBS is an ion beam analytical technique that measures the energy of backscattered high 
energy He+. Ions are accelerated to 2 MeV by a tandem electrostatic accelerator into the sample. 
The incident angle between the ion beam and surface normal to the sample is 22.5°, and the 
detector is positioned 52.5° from surface normal to collect the backscattered ions making the 
backscattering angle 150°. Ions lose energy in the sample due to two processes: electronic 
stopping, and Rutherford scattering. Interactions with electrons in the sample reduce the energy 
of ions without causing significant changes to the trajectory. Energy loss due to electronic 
stopping increases the further into the sample the ion travels. Therefor the amount of energy lost 
due to electronic stopping is dependent on the density (i.e. the amount of material contributing to 
electronic stopping) and thickness of the material.55 Rutherford scattering is elastic Coulomb 
scattering. The probability of scattering off a given nuclei is the differential scattering cross-













                                                        (4.4) 
where Z1 is the atomic number of the incident ion, Z2 is the atomic number of the scattering 
nuclei, and E is the energy of the ion.56 As a result, RBS is more sensitive to heavier elements. 
Due to both electronic stopping and Rutherford scattering, the energy spectrum of backscattered 
He+ contains information about the identity, quantity, and depth of the atoms composing the 
sample. 
 RBS is a particularly useful tool in the study of TFC membranes.57-59 The sampling depth 
is on the order of microns so the RBS spectrum contains information about the polysulfone 
support as well as the polyamide film. The energy onset and slope of the sulfur edge in the 
spectrum of a TFC membrane decrease relative to bare polysulfone due to the added stopping 
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power of the polyamide film which is used to determine the thickness and roughness of the 
active layer along with the nitrogen peak that is absent in the spectrum of the support.58 The 
thickness of a given layer in RBS is given in thin film units (TFU = 1 x 1015 atoms cm-2) which 
can be converted to areal mass. If the density of the material is known the thickness can be 
determined. RBS is invaluable for determining the charge and concentration of carboxylic acids, 
and amine groups in the active layer through heavy ion tagging experiments with respect to 
pH.60-63 
 RBS could be used as alternative method to QCM to determine the areal mass of free-
standing polyamide films. The technique requires high vacuum, so it would provide additional 
confirmation for the dry masses measured by QCM. Unfortunately, the free-standing films are 
too thin to be analyzed by RBS directly because the signal from the ~8 – 15 nm films is 
insufficient. However, the areal mass could be determined by transferring the polyamide film to 
a thin Pt film on a Si substrate, and coating the polyamide with a second layer of Pt. The 
polyamide increases the total stopping power of the sample causing the Pt peak in the RBS 
spectrum to broaden and split. This is illustrated in Figure 4.23 which shows simulated RBS 
spectra of a single layer of Pt, and layered Pt/polyamide/Pt structures with increasing thicknesses 
of polyamide. As the thickness of the polyamide layer increases so does the area under the Pt 
peak, and the split between the peaks becomes more defined due to the additional stopping 





Figure 4.23: Simulated RBS spectra of A) a single 40 nm layer of Pt, B) two 20 nm layers of Pt 
separated by 10 nm of polyamide, and C) two 20 nm layers of Pt separated by 20 nm of 
polyamide.  
  
 Areal mass is determined by modeling the RBS spectra using the program, SIMNRA. 
The software requires the user to define the atomic composition and thickness of the layers in a 
given sample, and then calculates a spectrum based on the energy calibration, fluence, and 
energy resolution defined by the user. The fluence (number of particles times the solid angle of 
the detector) is determined by fitting the height of the silicon, followed by the energy calibration 
which is adjusted so that the spectrum lines up with both the Si edge and the Pt peak, the energy 
resolution which is determined by fitting the slope of the high energy edge of the Pt peak, and 
finally the thicknesses of the layers in the model are adjusted to match the area under the Pt 
curve to the experimental value. All the parameters are adjusted iteratively to determine the best 
possible fit to the data. The composition of the polyamide layer is held constant at 50.0% C, 
8.33% N, 8.33% O, and 33.33% H. The width of the Pt peak is the most sensitive to the 
thickness of the polyamide layer.   
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The areal masses determined by RBS are shown in Figure 4.24. These values do not 
agree well with the masses measured by QCM in Figure 4.21.A. Although the areal mass does 
increase with increasing monomer concentration, the mass at 0.1 wt% MPD and 0.005 wt% 
TMC is almost twice the mass measured by QCM while the mass at 2.0 wt% MPD and 0.1 wt% 
TMC within the error of the QCM.  
To better understand why there appears to be “extra” stopping power in most of the 
samples, a sample was prepared where Pt was sputtered onto an Si wafer and only half of the 
surface was covered with a 0.1 wt% MPD and 0.005 wt% TMC free-standing film before 
sputtering the second layer of Pt on the surface. This geometry provides a built in Pt/Pt control 
that has been exposed to all the same processing steps as the Pt/polyamide/Pt sample. Figure 
4.25.A shows the Pt peak in the RBS spectrum from the Pt/Pt control fitted assuming the only 
stopping power contributed to the spectrum comes from Pt. The modeled spectrum is not broad 
enough indicating that there is more stopping power in the sample than the model is currently 
accounting for. Figure 4.25.B shows the same control sample modeled with a 50 TFU (1 µg cm-
2) layer of carbon added in between the two Pt layers, and the fit is much improved. Carbon 
contamination is plausible as the sample was exposed to “dirty” environments like the UV 
treatment apparatus, and the dish where the MPD/TMC film is synthesized. Adventitious carbon 
accumulation is typically 1 – 2 nm,64 and 1 µg cm-2 of carbon is closer to 4.5 nm which is high 
for ambient contaminations.  
The accuracy of the resolution, stopping powers, and the experimental angles are also 
factors that will affect the accuracy of the modeled data.65 A 4% change in resolution gives a 
1.5% change in the fitted thickness of the film by changing the fluence. In my experience the 
resolution of the RBS varies between 25 – 28 keV on a day-to-day basis which translates to a 
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12% change in resolution which could add up to ~5% difference in thickness. The stopping 
powers used in fitting calculations typically have ~4% uncertainty. Uncertainty in the scattering 
angle can also affect the fluence as uncertainty as low as 0.2° in the scattering angle results in 
0.3% uncertainty in the fluence when the incident beam angle is 90°. These factors are certainly 
important to account for in considering the uncertainty of the fitted values, but it is not clear that 
these would contribute to the increased peak breadth observed.  
The RBS spectrum of a 0.1 wt% MPD and 0.005 wt% TMC film was modeled to include 
a carbon contamination layer of equal thickness to the carbon contamination layer in the Pt/Pt 
control sample in addition to the polyamide layer, and the resulting fit is shown in Figure 4.25.C. 
When carbon contamination is included, the modeled thickness of the polyamide film decreases 
from 122 TFU to 53 TFU giving an areal mass of 1.06 µg cm-2 which is in better agreement with 
the QCM results (0.8 µg cm-2). Figure 4.26 shows the areal density of MPD/TMC films with 
respect to monomer concentration determined by RBS after subtracting the carbon contamination 
background which is determined using a Pt/Pt control built into each sample. This is in excellent 
agreement with the areal densities measured by QCM (Figure 4.21.A). Individual spectra, and 









Figure 4.25: RBS spectra of a Pt/Pt control sample modeled A) without added stopping power, 
and B) with added stopping power, and C) the RBS spectrum of a 0.1 wt% MPD and 0.005 wt% 
TMC film modeled with an added layer of carbon contamination based on the fit to the Pt/Pt 








 Free-standing polyamide films enable membrane characterization by techniques that are 
otherwise inaccessible for TFC membranes. Because of this, new methods to produce free-
standing polyamide films were tested using different sacrificial supports including Cd(OH)2 
nanostrands, PEG-DA hydrogels, and calcium alginate hydrogels. Ultimately the support-free 
method is preferred over sacrificial supports because the support-free approach eliminates 
complications related to reproducibility, interference from the support, and film release. 
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  Free-standing support-free films were prepared by reacting MPD, pG1, and Pip with 
TMC. The MPD/TMC films increase in thickness, and roughness with respect to monomer 
concentration while exhibiting self-limiting growth. Overall, the support-free films are smoother 
and thinner than commercial TFC films. The features on the hexane surface of MPD/TMC films 
are more compact than the loose leafy surface features that TFC films are known for. The 
morphology of the aqueous side of MPD/TMC films more closely resembles the morphology of 
TFC films, but the roughness is still reduced compared to TFC membranes. Synthesis of 
pG1/TMC support-free films requires NMP as a cosolvent to dissolve pG1 in water. 
Contamination by unreacted dendrimer limits the range of concentrations where relatively clean 
films can be prepared. Overall the pG1/TMC films are smoother than the MPD/TMC films and 
approximately the same thickness under similar reaction conditions. Support-free Pip/TMC films 
are not contiguous with holes on the aqueous surface at low monomer concentrations. As a 
result, the films grow to be ~10 times thicker than the MPD/TMC films before settling into the 
self-limiting thickness regime. Roughness of Pip/TMC films also increases with monomer 
concentration. 
 The areal mass and hydration of MPD/TMC films was determined using QCM. QCM 
measurements show that the areal mass and the density of MPD/TMC films increase with 
increasing monomer concentration. Hydration of free-standing films agrees well with TFC 
membranes as measured by QCM with the mass of sorbed water equaling ~11% of the mass of 
the film. Generally, less dense films uptake more water in terms of mass percentage than denser 
films.  The water sorption curve closely resembles the curve for commercial TFC membranes 
where there is a sharp initial increase in the mass at low RH which plateaus before a final large 
increase at high RH. 
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 Efforts were made to use RBS to measure the areal mass of MPD/TMC free-standing 
films. The films are too thin to measure directly unlike TFC membranes, but sandwiching the 
MPD/TMC film between two Pt layers broadens and splits the Pt peak due to the added stopping 
power contributed by the MPD/TMC film. Preliminary results are not in good agreement with 
QCM. The RBS generally gives higher areal masses than QCM. One reason for this could be 
carbon contamination accumulated during sample processing. Accounting for the ambient carbon 
background by including a built in Pt/Pt control in each sample brings the areal mass measured 
by RBS in good agreement with QCM results.  
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 The longitudinal elastic constant and thermal transport properties of fully aromatic 
polyamide reverse osmosis membrane active layers were measured using time-domain 
thermoreflectance (TDTR). This was not previously possible because the rough morphology, and 
stacked structure of conventional thin film composite membranes precluded the use of pump-
probe methods like TDTR to measure the properties of the nanoscale active layer. The elastic 
properties of polyamide active layers are of interest because the materials are subjected to very 
high pressures during operation, and high strength materials are desirable to resist compaction. 
Thermal transport properties are closely tied to the elastic properties, and this has never been 
measured for polyamide membranes before. A support-free synthesis approach produces smooth 
three-dimensionally cross-linked free-standing polyamide films from m-phenylenediamine 
(MPD) and trimesoyl chloride (TMC) that are well suited for TDTR which is designed to 
measure the mechanical and thermal properties of nanoscale films. The longitudinal speed of 
sound, longitudinal elastic constant, and thermal conductivity of free-standing polyamide films 
were found to increase concurrently with the density of the film as the concentration of 
monomers used to synthesize the films increases. Additionally, the speeds of sound and thermal 
conductivity of a linear fully aromatic polyamide, Nomex, and a free-standing polyamide film 






 Time-domain thermoreflectance (TDTR) is a pump-probe laser instrument that measures 
the mechanical properties and thermal conductivity of nanoscale thin films. This technique was 
used to provide new insights into polyamide films used as active layers for water purification 
membranes. Nanofiltration and RO membranes are subjected to high pressures (50-1,000 psi 
depending on conditions), so the strength of the material is a major operational concern.1-3 
Thermal transport properties have not been reported for the polyamide active layer alone. While 
we do not intend to draw direct conclusions regarding the size, shape, or distribution of pores in 
the polyamide film based on the thermal measurements presented here, the thermal transport 
properties should have a loose inverse relationship with porosity which is an important factor for 
membrane performance.4-5 TDTR can provide information about the thermal and elastic 
properties of a material simultaneously, is used in this work to measure the speed of sound, 
longitudinal elastic constants, thermal conductivity, and thermal conductance of free-standing 
polyamide films. 
Water flux through TFC membranes declines due to concentration polarization, fouling, 
and compaction. The latter has been studied primarily in the context of the support membrane 
underlying the thin polyamide active layer. When pressurized, the pores of the polysulfone 
support membrane can warp or collapse due to compaction, which restricts water transport and 
decreases the efficiency of the membrane. Compaction involved both elastic and plastic 
deformation. The extent of compaction can be observed ex situ through cross-sectional electron 
microscopy, which shows changes to the pore structure of the support membrane, and in situ 
using time-domain reflectometry where time-domain shifts in ultrasonic signals indicate changes 
in membrane thickness from compaction and formation of fouling layers.6-7  These studies utilize 
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the entire TFC structure, but ultimately focus on the compaction of the support membrane 
because the polyamide layer is challenging to isolate and makes up ~0.1 % of the entire 
thickness of the membrane.  
However, the elastic properties of the polyamide active layer are important to consider. 
Elastic constants describe the change in the dimensions (strain) of a material in response to an 
applied force (stress). While compaction is ultimately plastic deformation, higher elastic 
modulus materials exhibit less strain in response to stresses below the yield strength of the 
material. An active layer with a high elastic constant is desirable because the material will be 
more resistant to deformation under the high pressures required for separations. The longitudinal 
elastic constant describing uniaxial strain in response to uniaxial stress in an isotropic system is  
𝐶𝑙 =  𝜌𝑣𝑙
2                                                                 (5.1) 
where Cl is the longitudinal elastic constant, ρ is density, and vl is the longitudinal speed of 
sound in the material. As a result the elastic constant is affected by the structure of the polymer 
network which dictates both density, and the speed of sound. Factors including degree of 
crystallinity, molecular weight, degree of cross-linking, interchain bonding, and porosity have 
been shown to influence the speed of sound in polymeric materials.8-12 The speed of sound will 
be used as a probe to examine the longitudinal elastic constant of polyamide active layers.  
Thermal conductivity describes the ability of a material to transfer heat. Heat flux 
through a material is related to thermal conductivity through the following equation: 
?⃗? = −𝛬∇⃗⃗𝑇                                                               (5.2) 
where ?⃗? is heat flux, Λ is thermal conductivity and T is temperature. Heat transfer in nonmetals 
primarily occurs through lattice vibrations (phonons). Scattering of phonons off defects and other 
phonons limits thermal transport which links thermal conductivity to the structure of the material 
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in question. For polymeric materials this means that the thermal conductivity depends on the 
connectivity, alignment, and chemistry of the polymer.13  
Typically, thermal conductivities of polymers fall between 0.1 – 0.3 W m-1 K-1.10 
Simulations show that the thermal conductivity of a single extended polymer chain is highly 
dependent on the length, and structure of the chain.14 Single chains of polyacetylene and poly(p-
phenylene) have higher thermal conductivity than polyethylene because of the increased 
backbone stiffness contributed by the double bonds, and aromatic structure respectively.  In the 
bulk, these effects are reduced in isotropic amorphous polymers because the orientation of the 
chains is not controlled. Interchain interactions including hydrogen bonding, van der Waals 
forces, ionic bonding, and cross-linking affect thermal conductivity as well.10, 15-16 Xie et al. 
demonstrated experimentally that thermal conductivity scales with interchain bond strength due 
in large part to the increased stiffness of the material.  
Thermal transport is also influenced by porosity. Increased porosity generally decreases 
the thermal conductivity relative to the bulk material.4, 17 Polyamide active layers are thought to 
have a bimodal pore structure with network pores (4.2 – 4.8 Å) and aggregate pores (7.0 – 9.0 
Å).5, 18 The distribution and size of these pores are factors in membrane flux and rejection. While 
it is not the goal of this work to examine porosity directly, porosity is closely linked to density as 
well as thermal transport which will both be considered.19-22 Thermal conductivity could be a 
useful diagnostic tool to evaluate how reaction conditions affect the stiffness and porosity of the 
material, or for selecting alternative membrane materials.  The thermal conductivity of 
polyamide membrane active layers has never been reported before. As a three-dimensionally 
cross-linked isotropic glassy polymer the thermal conductivity is expected to be ~0.2 W m-1 K-1 
at room temperature.   
147 
 
Ultra-fast lasers are needed to capture the time scales of acoustic wave propagation      
(nm ps-1), and heat flow (~100 nm2 ns-1) in nanoscale materials.23 TDTR employs a pulsed laser 
(80 MHz) split into a pump beam, and a probe beam. Both beams are focused onto the optically 
smooth surface of the sample of interest that has been coated in Al. This metallic surface layer 
acts as a transducer in the TDTR measurement. An electro-optic modulator is used to modulate 
the frequency of the pump beam, and a mechanical delay stage is used to offset the arrival of the 
pump pulse relative to the probe pulse. The pump beam is absorbed by the Al layer causing the 
temperature at the surface to increase, and then dissipate across the interface into the underlying 
sample. These temperature changes alter the reflectivity of the surface in a linear fashion (ΔR = 
(dR/dT)ΔT) which is detected using the probe beam. Thermal conductivity of the sample, and 
thermal conductance of the interfaces can be determined from TDTR data by fitting the 
temperature changes with a one-dimensional heat flow model.24 Heating from the pump beam 
also generates an acoustic wave that propagates through the sample in response to thermal 
expansion. The acoustic wave is partially transmitted, and partially reflected off interfaces in the 
sample. The reflected wave causes the reflectance of the Al to change when the wave returns to 
the surface due to the piezooptic effect. In this way, the TDTR signal contains information about 
both the thermal and mechanical properties of the sample. 
The longitudinal elastic constant and thermal conductivity are both related to the ability 
of vibrations to propagate through a material. While the exact mechanisms at play are difficult to 
establish, both properties of the polyamide layer will be affected by changes to the density and 
stiffness of the polyamide. These properties will be sensitive to changes in reaction conditions 
(monomer concentration, reaction time etc.) that produce denser, more rigid films. Synthesis of 
free-standing polyamide films produces smooth, nanoscale membrane materials that enable 
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characterization by TDTR which has not been previously possible. TDTR is used herein to probe 




 M-phenylenediamine (MPD) flakes (99%), trimesyol chloride (TMC, 98%), lithium 
chloride (99%), N,N-dimethylformamide (DMF, HPLC grade), and N-methyl-2-pyrrolidone 
(NMP, 99.5%) were purchased from Sigma. Hexane (99.9%), and methanol (HPLC grade) were 
purchased from Fisher Chemicals. M-Invnomex (Nomex) felt was donated by Mundo Tex Ltd. 
Poly(methyl methacrylate) (950 K A7 in anisol) was purchased from MicroChem. Synthesis of 
pG1 dendrimers was performed by Anna Yang using methods developed by Washio et al.25 
Sample preparation  
 The procedures used to synthesize the MPD/TMC and pG1/TMC films are described in 
Chapter 4 without modification. Polyamide films were dried in air overnight after transfer to 
silicon wafers for further characterization. Characterization of the films (thickness, roughness, 
density) is also described in Chapter 4. Nomex was spin-coated on to Si wafers. The solution of 
Nomex was prepared by adding 2 g of Nomex felt to 50 mL of DMF with 1 g of LiCl and 
stirring at 90 °C for 3 hours.26 The Nomex solution was diluted twofold by DMF for spin-coating 
at 3000 rmp for ~2 minutes. The spin-coated substrate was soaked in methanol for three days 
changing the methanol solution twice per day to dissolve LiCl that might remain in the film.  
XPS of a ~15 nm Nomex film did not show any chlorine within the detection limit of the 
instrument (note that the penetration depth of XPS is ~5nm). All thicknesses used in data 
analysis were determined using AFM measurements, and all densities were determined using 
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areal masses measured by QCM under dry conditions. Note, that thicknesses were not measured 
under dry conditions, and therefore might be greater than the dry value if the polyamide swells 
due to uptake of ambient moisture which is relevant to both the density calculation and TDTR 
analysis. Samples for TDTR were coated in ~90 nm of Al with a magenetron sputter coating 
apparatus. Because this procedure involves pumping the sputter chamber to ~5 x 10-8 mTorr, the 
materials are assumed to be free of any adsorbed water.    
Time-Domain Thermoreflectance 
 A schematic of the TDTR setup is shown in Figure 5.1. The TDTR system uses a mode-
locked Ti:sapphire laser tuned to 783 nm and pulsed at 80 MHz.27 A polarizing beam splitter 
divides the beam into pump and probe beams. The power of the pump beam is set to 8 mW, 
while the probe beam is set to 4 mW. The frequency of the pump beam is modulated with an 
electro-optic modulator to 10.1 MHz synchronized with an RF-lock-in amplifier, while the probe 
beam is chopped at 200 Hz to provide a reference for the lock-in. A time delay is imposed on the 
arrival of the pump and probe beams at the surface of the sample by a mechanical delay stage in 
the path of the probe beam. The pump and probe beams are over lapped on the sample and 
focused using a 5x objective lens giving a laser spot size of ~10.7 µm.  A photodiode is used to 
detect the reflected probe beam while light from the pump beam is blocked from reaching the 
detector by spatial filtering and two-tint wavelength filtering. The signal is measured by a lock-in 
amplifier connected to the photodiode.  
 Thermal conductivity is determined by fitting the ratio of the in-phase (Vin) and out-of-
phase (Vout) signal components with a heat diffusion model in which the thermal conductivity of 
the polymer layer is the only free variable adjusted to minimize differences between the model 
and experimental data. The volume-specific heat capacity of polyamide was assumed to be                
150 
 
2.0 ± 0.5 x 106 J m3 K (volume specific heat capacity of Kevlar is 2 x 106 J m3 K).  Thermal 
conductivity was determined using data at long time delays from 100 – 3600 ps. The speed of 
sound is determined by analyzing the picosecond acoustic signals at short time delays from 0 – 
80 ps. All computer code used in this analysis was written by Dr. Gregory T. Hohensee, and can 
be accessed on the Cahill group website.28   
 
 
Figure 5.1: Schematic of the TDTR setup. This figure was prepared by the Cahill group and 




Free-standing polyamide films overcome the morphological limitations to TDTR analysis 
posed by conventional TFC membranes. As shown in Figure 4.10, the support-free polyamide 
films are considerably smoother than the TFC membrane. Rough surfaces scatter laser light 
which decreases the intensity of the laser light that reaches the detector. The reflectivity of Al 
coated MPD/TMC films synthesized between 0.1 – 10.0 wt% MPD and 0.005 – 0.5 wt% TMC 
was evaluated by comparing the voltage of the photodiode detector to that of an Al layer 
deposited on a silicon wafer. The reflectivity of the polyamide samples is within 4 % of the 
silicon wafer between 0.1 – 2.0 wt% MPD and 0.005 – 0.1 wt% TMC. At higher monomer 
concentrations the reflectivity drops substantially as the surface roughens. Surface features are 
still present on low monomer concentration samples but translating the sample in the x and y 
directions to maximize photodiode voltage minimizes scattering effects.  
Speed of Sound and Longitudinal Elastic Constants of Free-Standing Polyamide Films 
 Picosecond acoustics give the speed of sound in free-standing polyamide films. Figure 
5.2.A shows representative TDTR data at short delay times (<80 ps) from a 0.1 wt% MPD and 
0.005 wt% TMC sample. A small positive peak at 10 ps is attributed to hot electrons in the Al 
layer, a negative peak at 30 ps corresponds to the echo of the longitudinal wave off of the 
Al/polyamide interface, and a small positive peak at 36 ps corresponds to the echo from the 
polyamide/silicon interface.29  Echoes from the Al/polyamide and polyamide/Si interfaces are 
identified as t1 and t2 respectively in Figure 5.2.A The longitudinal speed of sound (vl) is given 







                                                                    (5.3) 
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where h is the thickness of the polyamide layer measured by AFM (Figure 4.13). This approach 
was validated by measuring the speed of sound in a 23 ± 1 nm spin-coated poly(methyl 
methacrylate) film. The speed of sound in this film is 2.9 ± 0.1 np ps-1 which agrees with the 
reported value (2.85 ± 0.12 nm ps-1).15  Longitudinal speed of sound with respect to monomer 
concentration is presented in Figure 5.2.B. Uncertainty in the speed of sound measurements is 
~12% – 15% with ~10% contributed by uncertainty in h and ~3% contributed by uncertainty in 
the echo times. Longitudinal speeds of sound in polyamide films range from 2.9 – 3.6 nm ps-1. 





Figure 5.2: (A) Representative picosecond acoustics from a free-standing 0.1 wt% MPD and 




Elastic constants were calculated using equation 5.1 using densities shown in Figure 
4.21.B and the longitudinal speeds of sound from Figure 5.2.B. The areal masses measured by 
quartz crystal microbalance (Figure 4.21.A) and film thicknesses measured by AFM (Figure 
4.13) were used to determine the density of dry polyamide films with respect to monomer 
concentration. Densities range from 0.91 ± 0.14 – 1.32 ± 0.18 g cm-3. Longitudinal elastic 
constants with respect to monomer concentration are shown in Figure 5.3. The longitudinal 
elastic constant more than doubles from 7.5 to 17 GPa over the range of monomer concentrations 
tested. Amorphous isotropic polymers have values that are ~5 – 25 GPa, and this falls within that 
range.15  Uncertainty in the elastic constant is ~30% with contributions from the density of the 
film (~15 – 20 %), and speed of sound (~12 – 15%). The uncertainty of the elastic constant is 
dominated by uncertainty in film thickness that is propagated through both the density and the 
speed of sound measurements. Increasing elastic constants with increasing monomer 
concentration are concurrent with increased thickness, roughness, density, and speed of sound. 
The increase indicates that the films synthesized at higher monomer concentrations are more 







Figure 5.3: Longitudinal elastic constants of MPD/TMC films with respect to monomer 
concentration.  
 
Thermal Transport in Free-Standing Polyamide Films 
Figure 5.4.A shows representative TDTR data from a 0.1 wt% MPD and 0.005 wt% 
TMC sample. The ratio of the in-phase (Vin) and out-of-phase (Vout) signal at long time delays is 
analyzed to determine thermal conductivity which is reported in Figure 5.4.B with respect to 
monomer concentration. Uncertainty in the thermal conductivity values is calculated by testing 
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the sensitivity of the model to the uncertainty of the fixed parameters in the model including the 
thickness and heat capacity of the polymer, thickness and heat capacity of the aluminum, heat 
capacity of silicon, and the laser spot size. Film thickness is the greatest source of uncertainty 
contributing ~12 – 15 % to the model, followed by uncertainty in the Al thickness and heat 
capacity each contributing ~5 – 6 %. The overall uncertainty in thermal conductivity ranges ~14 
– 18 %. The thermal conductivities measured are quite reasonable for an isotropic cross-linked 
polymer.10, 15, 30 The conductivity values range from 0.18 – 0.22 W m-1 K-1 showing ~22 % 
increase over a twentyfold increase in concentration. However, given that the uncertainty of the 
measurement is in the same range the increase should be interpreted conservatively.  
The thermal conductivity values in Figure 5.4.B were determined by fitting the effective 
thermal conductivity (Λeff) of the polyamide layer without including contributions from the 
interfacial thermal conductance (G) in the model. Phonons can scatter off interfaces, and thus G 
is important in heat transfer through layered systems. The relationship between Λeff  and G is 
described as  








                                                  (5.4) 
where h is film thickness, and ΛPA is the thermal conductivity of bulk polyamide. If G or h are 
large, Λeff measured will not be significantly impacted by G. However, the free-standing 
polyamide films are thin (~9-16 nm), and the interfacial thermal conductance is not expected to 
be high because the film is floated on to the Si support, which may not result in a uniform 
interface.  If the film in question is thinner than the Kapitza length (Kl) which is the defined as 
the length of material with thermal conductivity, Λ, required to equal G then Λeff measured will 
be affected by G. The interfacial thermal conductance of spin-coated polymers is ~100 – 400 
MW m-2 K-1 giving a Kapitza length of ~1 nm.15, 31 Given that G of a spin-coated polymer on Si 
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is expected to be greater than G for floated polyamide films, the Kapitza length of the free-
standing polyamide films will be larger than 1 nm which could be significant considering the 
thicknesses of the polyamide films.   
 To evaluate whether G has an impact on the Λeff measured, the thermal conductance of 
polyamide films with respect to film thickness was evaluated. The thermal conductance of the 
polyamide layer is calculated by dividing Λeff by film thickness, h, which considers heat transfer 
through the polyamide film, and through the Al/polyamide interface and polyamide/Si interfaces. 
Thermal conductance with respect to film thickness is plotted in Figure 5.5. The plot (shown on a 
log scale in Figure 5.5) is linear, which indicates that the heat transport in the films is dominated 
by the thermal conductivity of the polymer, and not G.31 Deviations from linearity as h decreases 
would indicate interfacial effects, but this does not occur. The y-intercept of the linear fit is 28 ± 
6 MW m-2 K-1, and this corresponds to G. As predicted, the interfacial thermal conductance of 
the polyamide films floated onto Si wafers is an order of magnitude smaller than the interface 
conductance of spin-coated polymers. Finally, the Kapitza length is ~7 nm, which is greater than 




Figure 5.4: Representative TDTR data is shown in (A). The ratio of the in-phase (Vin) and out-
of-phase (Vout) signal at long time delays from a 0.1 wt% MPD and 0.005 wt% TMC sample is 
shown as open circles with the fit shown in red. The thermal conductivity of MPD/TMC films 




Figure 5.5: The thermal conductance of MPD/TMC films with respect to film thickness fit with a 
linear regression and plotted on a log-log scale.  
 
5.5 Discussion 
There are few reports of the mechanical properties of the polyamide active layer alone. 
These scattered examples typically decouple the synthesis of the polyamide film from the 
polysulfone support mirroring the approach used in this work.3, 32-33 Pendant drop tensiometry 
was used in the early 2000s to examine the rupture strength, and stress-relaxation properties of 
polyamide films.3, 33-35 The technique was developed for real-time studies of interfacial 
polymerization kinetics and cross-linking densities, and then extended to examine mechanical 
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properties.36 A drop containing aqueous MPD is dispensed from a syringe, and the entire drop is 
submerged in an organic solution containing TMC to form a film directly on the surface of the 
aqueous drop. Mechanical stress is applied by injecting liquid into the drop to internally 
pressurize the system. The rupture strength of the material is determined by pressurizing the 
droplet until the film bursts, and can be described by the following equation 
𝑆𝑅 =  𝜎𝑅ℎ                                                                   (5.5) 
where SR is rupture strength, σR is the stress at the instant the film ruptures, and h is film 
thickness. Roh et al. report increasing rupture strength (~30 – 40 MPa) with increasing monomer 
concentration.3 However, these values may not be accurate because h was determined using TFC 
membranes prepared at the same reaction conditions as the pendant drop films, but support-free 
films have been shown to be smoother and thinner than films prepared at equivalent reaction 
conditions on a support membrane (see Figure 4.10).32, 37 Stress-relaxation experiments involve 
pressurizing the drop up to a point before the film ruptures, and allowing the film to relax. The 
normalized pressure (instantaneous pressure divided by initial pressure) with respect to time is 
measured which is equal to the normalized stress. Khare et al. report that the stress-relaxation 
behavior of the film depends on monomer concentration.33   
Wrinkle-based measurement have been used to determine Young’s modulus of 
polyamide active layers separated from polysulfone supports, and free-standing polyamide 
films.2, 32 A PDMS substrate is stretched lengthwise up to 10% in an elongation holder, and a 
polyamide film is transferred on top of the PDMS. When the tensile strain applied to the PDMS 
film is released the PDMS returns to the original length, applying compressive stress to the 
polyamide film on the surface of the PDMS causing the film to wrinkle. These wrinkles have a 
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                                              (5.6) 
where E is Young’s modulus, ν is Poisson’s ratio (assumed to be 0.49 and 0.39 for PDMS and 
polyamide respectively), PA refers to polyamide, h is the thickness of the polyamide film, and λ 
is the wavelength of the wrinkles. This approach assumes values for Poisson’s ratio, EPA >> 
EPDMS, the amplitude of the wrinkles >> the wavelength of the wrinkes, and the thickness of the 
PDMS >> h. Application of even higher strains induces cracks in the film which also occur at 
regularly spaced intervals and can be used to examine fracture strength and onset cracking strain. 
Chung et al. report that Young’s modulus of dry polyamide active layers isolated from the 
polysulfone support is 1.4 ± 0.52 GPa, and 0.36 ± 0.14 GPa for hydrated layers.2 They also 
demonstrated that fouling by chlorination increases the modulus which is hypothesized to be a 
result of compaction and chain rearrangement induced by disrupted hydrogen bonding. 
Chlorination embrittles the film by decreasing the fracture strength and onset fracture strain. 
Karan et al. used the wrinkle method to determine Young’s modulus of free-standing polyamide 
films synthesized on a Cd(OH)2 nanostrand sacrificial layer, and report modulus values for dried 
films ranging between 0.11 ± 0.02 – 2.71 ± 0.49 GPa. The modulus increases with increasing 
reaction times but show no trends with respect to monomer concentration. However, it should be 
noted that free-standing films synthesized on Cd(OH)2 supports exhibit crumpled morphology 
above 0.1 wt% MPD and 0.005 wt% TMC, and some crumpled films were used in this analysis. 




 There is a consensus across the examples discussed above that changing reaction 
condition to produce denser films also increases the elastic constants and strength of the film. 
This is supported by this work as well where increasing the net monomer concentration by 
twentyfold increases the density of the polyamide film by ~45%. While the exact mechanism of 
enhancement is difficult to prove, vibrational waves propagate more effectively in denser free-
standing polyamide films which is reflected in the increasing longitudinal speed of sound and 
thermal conductivity. This is an interesting result because hydration is also affected by the 
density of the film. Figure 4.22.B. shows that lower density films uptake more water as a 
percentage of the mass of the film compared to high density films, which has also been 
demonstrated in the literature.20-21 Higher densities imply that the porosity is lower, but it is 
unclear whether that means the pores are smaller, fewer or both. Maximizing the strength of the 
film by increasing the density may hurt water flux so a balance must be struck to optimize 
membrane performance. 
It is useful to consider the properties of MPD/TMC films in comparison to other fully 
aromatic polyamides. Figure 5.6 shows thermal conductivity with respect to the speed of sound 
for three different fully aromatic polyamide materials including free-standing MPD/TMC films, 
a free-standing film prepared using a para substituted first generation (pG1) dendrimer analogue 
of MPD, and a spin-coated Nomex film. The structure of pG1 and synthesis of free-standing 
pG1/TMC films is described in Chapter 4. Briefly, pG1 dendrimers are used to modify the active 
layer of commercial RO membranes, and to synthesize novel nanofiltration membranes via 
interfacial polymerization with TMC.38-40 The data shown in Figure 5.6 comes from a 9.2 ± 1.7 
nm thick film, and was synthesized using 0.1 wt% pG1 and 0.00216 wt% TMC. Nomex is a 
linear meta substituted fully aromatic polyamide like Kevlar (para substituted) that is used to 
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make flame resistant clothing for firefighters. Nomex was spin-coated onto a silicon wafer at a 
thickness of 19.9 nm ± 2.0 nm for analysis.  
Figure 5.6 shows good agreement between the different aromatic polyamide materials. 
They are clustered together along the x-axis with pG1/TMC and Nomex having speeds of sound 
that fall within the range of the MPD/TMC films. The pG1/TMC film exhibits the highest 
thermal conductivity, but the reason for the increase this is unclear. Unfortunately, contamination 
of the films by unreacted dendrimer prevents accurate determination of the density of the 
pG1/TMC films, and limits the film compositions that are smooth enough for TDTR 
measurements. Interestingly, the thermal conductivity of the 0.1 wt% pG1 film is ~40% higher 
than a 0.1 wt% MPD film synthesized using the same ratio of primary amine groups to acid 
chloride groups. This could arise because the pG1/TMC film is more ordered, rigid, or dense 
than the MPD/TMC film, but without the density and more detailed structural information it is 
impossible to say. Both the thermal conductivity (3.5 W m-1 K-1) and tensile elastic modulus 
(120 GPa) of anisotropic Kevlar fibers are larger along the central axis of the fiber relative to the 
perpendicular direction,41 and we were interested to see if Nomex also exhibits anisotropy. 
However, the properties of the spin-coated Nomex film are quite similar to the MPD/TMC films 
which suggests that the spin-coated film is isotropic. Finally, there is a linear relationship 
between the speed of sound and the thermal conductivity of MPD/TMC films. This drives home 
the link between the network properties of the film (density, porosity, degree of cross-linking, 
etc.) and the propagation of waves through the material. Within the context of membrane 
performance this is an important connection because membrane performance depends on the 








 Support-free synthesis of free-standing polyamide films enabled measurement of the 
longitudinal speed of sound, longitudinal elastic constant, and thermal conductivity by TDTR. 
Notably, this is one of just a few reports of the elastic constant and the first time that the thermal 




 The longitudinal speed of sound in the polyamide active layers ranges from 2.9 – 3.6 nm 
ps-1 and increases with monomer concentration concurrent with increasing density. As a result, 
the longitudinal elastic constant almost doubles from 7.5 to 16.7 GPa as the monomer 
concentrations increase. A higher elastic constant is desirable as the membranes are subject to 
large pressures during separation processes. The thermal conductivity of the layers also increases 
with increasing monomer concentration from 0.18 – 0.22 W m-1 K-1. Plotting thermal 
conductance with respect to film thickness reveals that the interfacial thermal conductance of the 
free-standing polyamide films is substantially lower than that of spin-coated polymers. There is a 
linear relationship between the thermal conductivity and longitudinal speed of sound in free 
standing MPD/TMC films. Additionally, the speed of sound and thermal conductivity of free-
standing MPD/TMC films agree well with the values obtained for similar fully aromatic 
polyamide films.   
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A.10: RBS spectra from a 2.0 wt% MPD, 0.1 wt% TMC sample. 
 
 
